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ABSTRACT
Hair follicles are a signature in mammals and cover almost their entire surface. They are
the most important skin-derived organs, as they are involved in diverse biological
functions such as: protection, thermal isolation and to comprise a reservoir of cells for
skin regeneration and wound healing. With all this in mind, disorders associated with hair
loss compromise the correct functioning of the human body. Additionally, hair follicles
play a crucial role in social interactions, and their loss entails psychological
consequences. During adulthood, hair follicle structure is not able to regenerate, reason
why most hair follicle disorders imply permanent hair loss. From all of them, Androgenetic
Alopecia is probably the most socially relevant as it has a prevalence of 70% in men
older than 70 years. It is a non-scaring pathology in which hair is progressively lost,
following a pattern distribution by genetically predisposed hair follicles that are sensitive
to androgens. Nowadays there is not any hair follicle regenerative therapies available,
being restoration surgeries the only available solution. High costs associated to the
restoration treatments and the low availability of hair follicles in severe cases of hair loss
underline the need to develop a hair regeneration therapy in adults. Nonetheless, hair
follicle is a very complex and specialized structure difficult to replicate.
In this scenario, a big effort has been made by the scientific community to understand
and characterize human hair morphogenesis in the embryo. Among all the different
structures present in the hair follicle, the dermal papilla (DP) focuses most of the attention
for regenerative purposes. It is a spherical structure, located at the base of the hair follicle
that contains highly specialized fibroblasts. This structure is crucial to induce the
differentiation of the hair follicle in the embryo and its maintenance throughout life in
adults. Furthermore, dissected murine DPs were shown to induce the generation of new
follicles in vivo upon transplantation to host recipients. Later experiments demonstrated
that this property was maintained by cultured DP cells, revealing the potential of these
cells to induce hair follicles in adult humans.
However, extrapolation of these results to human DP is not straightforward as, contrary
to rodent cells, human dermal papilla cells lose their inductive capacity as soon as the
DP structure is broken, and they are placed in 2D culture. Nonetheless, it has been
demonstrated that human DP cells partially and inefficiently recover their in vivo inductive
capacity if cultured as 3D aggregates (spheroids) emulating the in vivo microenvironment
of a DP and transplanted to the dermo-epidermal interface of human skin transplanted
to immunodeficient mice.
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On these bases, in this thesis we aimed at: 1) to find out the reasons of the poor efficiency
of the spheroids to reprogram cultured DP cells and improve it; 2) to develop an in vitro
system allowing to perform these studies in a quick and versatile way; 3) that this in vitro
system may have clinical and / or industrial utility. To that, two different systems were
proposed to culture DP cells and mimic human DP: dermal papilla spheroids and fibrin
microgels with encapsulated DP cells. Both systems were analyzed in terms of the
morphology, viability, and ability to promote stem cell fate recovery of DP cells. Later,
these two systems were used, together with epidermal keratinocytes, to promote hair
follicle differentiation in plasma-derived fibrin matrices. Preliminary results showed the
formation of hair follicle-like structures similar to that present in the first stages of
embryonic hair follicle morphogenesis for both DP cells culture systems. Furthermore,
hair follicle differentiation was demonstrated by the positive expression of K14, K71, K75
and K15 present in the hair follicle outer root sheath, inner root sheath, companion layer
and hair germ, respectively.
The proposed in vitro DP culture system, together with the previous experience of our
laboratory in skin bioengineering, opens the door to the generation of 3D organotypic
skin cultures containing hair follicles
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CHAPTER ONE

1. INTRODUCTION
1.1. HUMAN SKIN
1.1.1. SKIN STRUCTURE
Skin is the largest organ of the human body, representing a 15% of its total weight. Skin
is responsible for protecting human body from exterior agents and regulating both water
release to the exterior (dehydration) and body temperature (thermoregulation) [1], [2].
Additionally, it is involved in sensory and metabolic functions such as the synthesis of
vitamin D, being this last one crucial to maintain body homeostasis [3], [4].
The skin is a continuous organ which contains three layers: epidermis, dermis, and
hypodermis, and together with its associated structures constitutes the integumentary
system (Figure 1.1). Thickness and composition of the skin vary along the different body
locations and are directly related to their function. For instance, epidermis thickness is
0.1mm in the eyelids and 1.5 mm in the sole of the feet [3].

Figure 1.1: Skin structure. In the uppermost layer, the epidermis composed of different layers of
keratinocytes. Beneath the epidermis, the dermis which is mainly composed of collagen and
fibroblast and is the place where all the epidermal appendages are located. The deepest layer is
the hypodermis or subcutaneous tissue which is mainly composed of adipocytes. (Image
reprinted with permission from [3]).
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Epidermis
Anatomically, epidermis is the outermost layer of the skin and is responsible for body
protection. It accounts for the physical protection (Stratum Corneum), the chemical
protection (lipids, macrophages, and hydrolytic enzymes) and the immunological
protection (immune system) [1]. Epidermis is a stratified epithelial layer which contains
keratinocytes, dendritic cells, melanocytes, Langerhans cells and Merkel cells. Despite
of the cellular diversity, more than 80% of the cell population are keratinocytes which
depending on their differentiation state and cells morphology divide the epidermis into
four main layers: stratum germinativum (basal cell layer), stratum spinosum (suprabasal
cell layer), stratum granulosum (granular layer), and stratum corneum (cornified layer)
[3]. As a response to epidermal desquamation, the outermost layer of the epidermis is
replaced by differentiating keratinocytes from the lower layers [5].

Keratinocyte

differentiation is a dynamic process in which basal cells divide and move upward
changing their morphology from hexagonal to a more flatten shape without nucleus. This
process is called terminal differentiation [1], [4]. Epidermis is the most biologically active
layer because it is in continuous renewal, however, since stem cells of the basal layer
are slow cycling it also comprises a reservoir for epidermal regeneration [4], [6].
Epidermal differentiation and maintenance at postnatal stage is coordinated by its
underlying dermis. Moreover, during epidermal morphogenesis at neonatal stage the
dermo-epidermal junction is key for epidermal appendage development [3] (see section
1.2.2).
Dermo-epidermal junction
Epidermis is supported and connected to the dermis by the basement membrane.
Structurally it has four components: the plasma membrane of the basal cells, the lamina
lucida, the lamina densa (basal lamina) and its associated anchoring fibrils [4]. Collagen
type IV and VII -which are synthetized by basal epidermal keratinocytes- are main
components of the basal lamina and the anchoring fibrils, respectively [3]. Although
keratinocytes are the main cellular component of the dermo-epidermal junction, dermal
fibroblasts are present in minor extent. In addition to the structural function, the dermoepidermal junction also stablishes cell polarity and direction of growth, directs
organization of cytoskeleton in basal cells and supplies them with developmental signals
[7]. Structurally, the epidermis shows some undulations in the dermo-epidermal junction
called rete ridges. They account for epidermal down-growths that provide greater
resistance to shear stress due to an increase in the surface area for cell attachment [6],
[8].
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Epidermal appendages
Skin adnexa consist of three different ectodermal-derived epidermal appendages:
eccrine-, apocrine-, and apoeccrine sweet glands, nails, and hair follicles with their
associated sebaceous glands. Contrary to rete ridges, they have specific functions such
as heat regulation, protection or enhancing sensation [3]. In addition to that, all of them
play a key role in reepithelization in wound healing, as they serve as an epithelial
reservoir [4] (see Section 1.1.2).
Dermis
The dermis is a filamentous, amorphous, and fibrous connective tissue that represents
the bulk of the skin and provides it with elasticity, pliability, tensile strength, protection,
and stimuli sensing. It accommodates epidermally derived appendages, nerve and
vascular networks, and different cell types including fibroblast, macrophages, and mast
cells [4], [9]. Although the organization and distribution of its components are not as
predictable as in the epidermis, two clear areas can be distinguished: papillary and
reticular dermis, containing fibroblast from two different lineages [10]. While papillary
dermis is located just below the epidermis, reticular dermis starts below the capillary
network [4]. Dermal fibroblasts are responsible for collagen synthesis, which in skin
represents 70% of its dry weight. Collagen type III is firstly synthetized by fibroblast [4],
[8], being predominant in newborns, and then replaced by type I, predominant in adults.
The collagen III/I balance is maintained as a dynamic process during lifetime [11]. In
addition to that, elastin and hyaluronic acid account for skin elasticity and hydration,
although they are present in a minor extent [3], [12]. The structure of these molecules is
not homogeneous in the skin. In collagen, for example, fine, loosely connected fibrils can
be found in the papillary dermis, whereas more condensed bundles are more abundant
in the reticular dermis. The distinct origin of fibroblasts that inhabit these two layers may
explain the differences in fiber structure distribution [13].
Hypodermis
Below the dermis is placed the subcutaneous tissue, whose thickness varies among
different body location and is mainly composed of lipocytes. In addition to energy
storage, hypodermis has endocrine functions such as body weight control mediated by
leptin hormone [3].

1.1.2. SKIN DAMAGE: WOUND HEALING
The human body is entirely covered by skin and as a part of its protective function it is
exposed to injuries. The human body can self-mediate in wound closure through tissue

3

regeneration and repair [14]. Regeneration of a tissue accounts for complete substitution
of the tissue whereas tissue repair implies a specific form of healing with scar formation.
Wound healing is an organized and dynamic mechanism that aims to recover tissue
structure and function when damaged. This process is cellular-, molecular-, and
humoral-mediated. It can be artificially dived into three overlapping stages [15]:
i.

Hemostasis and inflammation- just after healing, a platelet plug is formed to
provide a transient matrix in which neutrophils and later macrophages are
recruited as a response to the presence of degranulated platelet [16], products
of degraded bacteria and the activated complement (Figure 1.2-A).

ii.

Cell proliferation- during this phase (2-10 days after injury) cells move over the
wound bed and cover its surface (Figure 1.2-B). This migration is performed by
keratinocytes from the edges of the wound and the epithelial stem cells contained
in the pilosebaceous units [4]. The formation of fibrin-based granulation tissue
allows cell migration during the proliferation process, as well as provides a
support to dermal fibroblast that start to synthetize collagen type III in the wound
bed [17]. Hair follicles comprises an epithelial stem niche, playing a crucial role
during cell proliferation (see section 1.2.1). For this reason, areas with high follicle
density such as the scalp or the face show higher reepithelization rates than
those with few hair follicles such as the back. Depending on how deep the wound
is, it can be classified into epidermal, partial- or full thickness [18]. If during skin
injury the stem cell niche from the hair follicle is lost as a consequence of the
partial or total removal of the hair follicle, the reepithelization process slows down
[19]. Moreover, since the hair follicle will not be able to regenerate itself, this
involves hair follicle permanent loss. Also, the angiogenesis and concomitant
neo-vascularization of the wound area takes place during this phase.

iii.

Matrix remodeling- this period comprises from 3 weeks up to a year after wound
injury. During this phase, first, macrophages and endothelial cells leave the
wound bed. Then, fibroblasts, which are the main cell type present, replace
collagen III by collagen I and reorientate its fibers [17] (Figure 1.2-C).

Although they vary in length depending on body location and due to individual intrinsic
particularities, these healing stages are common in every person. Problems or
abnormalities during wound healing are present in some disorders, as for example in
chronic ulcers or keloids [20].
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Figure 1.2: Wound healing stages in skin: A) Hemostasis and inflammation; B) cell proliferation
and C) matrix remodeling. (Image reprinted with permission from [15]).

1.2. HUMAN HAIR FOLLICLE
As introduced in the previous section, skin appendages are a key part of skin anatomy,
being involved in many of its specific functions. One of the most important epidermal
appendages are the hair follicles, a highly specialized mini-organ that has been deeply
study for the last 70 years to describe its complex structure and elucidate its biological
implications
1.2.1. HAIR FOLLICLE STRUCTURE AND FUNCTION
Hair follicles are not present in human skin as separate and unique organs, but rather
joined with the sebaceous gland, apocrine sweet gland and the arrector pili [21]–[23]
(Figure 1.3). These structures together form the pilosebaceous unit (PSU). Each PSU
has more than one hair follicle, as they usually develop in clusters of three. Nonetheless,
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PSU density varies among different body sites and decreases with age [4], [24].
Furthermore, each PSU has their corresponding nerve plexus and blood vessels [25]
(Figure 1.1).
The hair follicles are a signature in mammals, being the most important skin-derived
organ as it accounts for most of the surface/area in the skin. Some of its functions include
protection and camouflage, thermal isolation, and dispersion of sweat and sebum [26].
Also, it comprises a reservoir for epithelial cells for skin regeneration and wound healing
[27], reason why the areas with high follicle density such as the scalp or the face have
higher healing capacity than others with lower hair density such as the back [4]. While
the entrance of substances to the inner region of the skin is controlled by the stratum
corneum, hair follicle represents an alternative gate of access, being crucial in
permeation and penetration processes [28]. Thanks to the hair follicle innervation hair
can detect the mechanical stimuli above the surface of the skin and activate its
neuroreceptors, conferring them sensory and tactile functions [26]. The presence of
Langerhans and mast cells, macrophages and immunocytes within the hair follicle
provides it with the capacity of detecting pathogens and activating the immune response
[29]. This complete immunologic profile stablishes the hair follicle as an effector arm of
the immune system. Nonetheless, it lacks the major histocompatibility complex I, being
an immune privilege organ [30], [31].
Hair follicle is a complex structure with different highly specialized cell types either from
epithelial or mesenchymal origin. According to the cellular origin of the cells within the
different structures, the hair follicle comprises the dermal and the epidermal
compartment, being fundamental the communication between them in hair follicle growth
and morphogenesis [27], [32].
The epidermal compartment of the hair follicle is integrated by five different structures,
each of them with a specific composition and function:
•

The outer root sheath (ORS) is a contiguous region of the interfollicular epidermis
which encases the entire hair follicle (Figure 1.3-A and Figure 1.4-A). It is mainly
composed of keratinocytes but also hosts Langerhans and Merkel cells [22].

•

The bulge is a protrusion of the ORS placed at the insertion with the arrector pili
below the sebaceous gland [27] (Figure 1.3-A and Figure 1.4-A). It contains slowcycling epithelial stem cells responsible of both epidermal regeneration and
control the cyclical growth of the follicle [19], [33].
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•

The companion layer is a single layer of morphologically and biologically unique
cells that can be included either inside the ORS or the inner root sheath [34]
(Figure 1.4-B).

•

The inner root sheath (IRS) is a multilayered tube of terminally differentiated hair
follicle keratinocytes located between the ORS and the hair shaft which protects
the growing hair and consist of three different cell layers: Henle’s layer, Huxley’s
layer, and the cuticle [35], [36] (Figure 1.4-B). This last one is composed dead
cells that overlap to strength and protect the hair shaft.

The hair bulb is a thickening at the end of the hair follicle which harbors the hair follicle
matrix and surrounds the dermal papilla (Figure 1.4-A). The matrix contains rapidly
proliferating keratinocytes that differentiate to form the hair shaft in a growing hair.
Additionally, melanocytes and ORS cells are also present in the hair matrix but in a minor
extent. Cells within the matrix can differentiate and generate the different cell types of
the IRS [22].

Figure 1.3:: Hair follicle structure. A) Schematic representation. (Image reprinted with permission
from [37]); B) Histology of human hair follicle. Black arrows point the arrector pili (AP) and bulge
(BG) and C) Histology of human hair follicle. Black arrows point the sebaceous gland. (Image
reprinted with permission from [38]).

The epithelial portion of the hair follicle is separated from the dermal compartment by the
basement membrane. The dermal compartment of the hair follicle comprises two
different structures[32]:
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•

The sheath of connective tissue that surrounds the hair follicle from the bulge to
the base of the bulb is the dermal sheath (DS). It is composed of specialized
fibroblast accommodated within a collagen layer, and its main function is to
maintain and regenerate the dermal papilla (Figure 1.3-A). It is also directly
involved in hair follicle regeneration and wound healing [39], [40].

•

The dermal papilla (DP) is a spherical structure located at the base of the bulb
which hosts highly specialized fibroblasts [32] (Figure 1.3-A and Figure 1.4). It is
thought to control the number of matrix cells and hence, hair follicle thickness
and length during the life cycle. The DP interacts with hair follicle matrix and
contains the blood capillaries [41].

According to its cycling capacity, a mature hair follicle can be structurally divided into a
passive upper half and a dynamic lower part which is in continuous remodeling.
Furthermore, four anatomically different parts are present in the hair follicle:
infundibulum, isthmus, suprabulbar and bulbar region [22] (Figure 1.3-A). The portion
that spans from the surface of the epidermis to the opening of the sebaceous gland is
the infundibulum, and together with the isthmus, which is the area between the opening
of the sebaceous duct and the bulge, form the upper passive half of the follicle. The lower
dynamic portion is the most active part of the follicle, and comprises the suprabulbar and
bulbar region, which includes the base of the follicle and the DP.

Figure 1.4: Schematic representation of all the cell types of a mature hair follicle (A) and more
specifically in the IRS and Hair shaft (B) (Images reprinted with permission from [38], [22],
respectively).
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1.2.2. MOLECULAR MECHANISMS OF HAIR FOLLICLE DEVELOPMENT AND
LIFETIME
Hair follicle morphogenesis occurs during embryogenesis and relies in a series of dermoepidermal interactions of the two different cell populations within the epidermis and the
underlying mesenchyme [42], [43]. There are different hair sizes -vellus of the back and
hair in the lashes are examples of these differences- whose phenotypes and precise
distribution over the surface of the body are stablished by specific molecular pathways
during embryonic development [24], [26]. At birth, human body is covered by five million
hair follicles and no more additional hair follicles are generated during lifetime.
Nonetheless, their size and thickness can change under the influence of androgens [26].

Figure 1.5: Schematic representation of the first model developed to illustrate dermo-epidermal
messages involved in hair morphogenesis. (Image reprinted with permission from [44]).

Developmental biologist performed tissular recombination experiments in different
species in which the epidermis and dermis from different body regions where separated
and recombined [45]. Those experiments revealed that in all the cases, the mesenchyme
directed the fate of the epidermis, which allowed to further study and describe the cellular
dermo-epidermal interactions and signals involved in hair follicle morphogenesis during
embryogenesis [44]. Although most of these studies are described in mouse, they can
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be applied to any mammalian specie, as most of them share the basic morphology
principles of development. The molecular signals and interaction behind this process
were first summarized in the early 90’ by Hardy in a simplified model of two dermal
messages and one epidermal message [44] (Figure 1.5). Under this model, dermal cells
in the mesenchyme send a first dermal message to the epithelium to initiate a thickening
to form a placode. Next, this placode sends the so-called epidermal message to the cells
in the mesenchyme, by which they aggregate to form the precursor of the hair follicle
DP. Finally, in the second dermal message this cellular aggregate instructs the placode
to rapidly divide and form an appendage that will differentiate into all the cell populations
of the hair follicle. This simplified model has evolved along the years as new molecular
pathways have been elucidated. A first model composed of eight stages was developed
by Paus et. al, providing with a greater spatiotemporal clarification of the different stages
and its associated signaling pathways [46]–[48] (Figure 1.6). This model has laid the
foundations for subsequent functional studies in animal models to reveal the implications
of the major signal pathways such as the lymphoid enhancer binding factor 1 (Lef1),
bone morphogenic proteins (BMP), transforming growth factor beta (TGFß), fibroblast
growth factor (FGF), morphogenic sonic hedgehog (Shh), Wingegless and Int-1 (Wnt)
and Eda/Edar [49]–[52].

Figure 1.6: Molecular mechanism at different stages of hair follicle morphogenesis. (Image
reprinted with permission from [47]).
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Figure 1.7: Schematic representation of hair follicle morphogenesis and cycling. Hair follicle
morphogenesis only occurs during embryology while hair cycling is continuous during human
lifetime. (Image reprinted with permission from [22]).

Most of these signaling pathways are not only present in hair follicle morphogenesis, but
also in its subsequent growth and cycling [26], [53], [54]. Although human hair follicles
continuously cycle, each follicle functions as an independent unit, contrary to the rest of
mammals, in which they do it in a synchronous manner [22]. Hair follicle cycling can be
divided into four different stages of growing and involution [53]: anagen, catagen, telogen
and exogen (Figure 1.8). Anagen is the growing phase of the hair follicle in which the
stem cells in the bulge proliferate and move to the hair matrix, place at which they amplify
and terminally differentiate into the different cell lineages. Next, hair follicle suffers a fast
involution during catagen in which most of the cells within the matrix, IRS and ORS
undergo apoptosis, leaving an epithelial strand to approximate the DP and bulge. During
telogen, hair follicle enters in a resting phase, critical to control hair cycling. This resting
phase is finally followed by mechanical-driven active hair shedding during the exogen
phase. Besides all the molecular signaling pathways involved in hair cycling, the “bulge
activation hypothesis” states that epithelial stem cells play a critical role in maintaining
hair follicle homeostasis [53], [55]. This theory proposes that bulge cells proliferate and
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asymmetrically divide into progeny cells that immediately travel to the base of the follicle,
where they become transiently activated matrix cells that can give rise to all the cell
lineages of a mature hair follicle [56], [57]. On this bases, destruction of the cells within
the bulge as a result of bulge damage or inflammation may produce the permanent loss
of hair follicle [58] (see section 1.2.3).

1.2.3. HAIR FOLLICLE DISORDERS
In addition to all the biological functions described above, human hair is crucial in social
interactions, being hair follicle-associated disorders one of the driving forces in research
of hair follicle regeneration.
Regarding hair follicle cycling, a healthy person has at least an 80% of his hair follicles
in anagen phase, where they stay for three years; 2-3% are in the transient stage of
catagen and 10-15% are in telogen, which lasts around three months [59]. Abnormalities
in cycling or cell growth result in hair follicle disorders of different etiologies that can be
classified into hair follicle-derived tumors and hair follicle abnormal growth or loose,
having some of them an associated genetic component [60]. Considering that hair
tumors are relatively rare and have low impact on the population [61], the most
predominant disorders are those concerning growth abnormalities. An example of
abnormal hair growth is hirsutism, in which women show a disproportionated hair
production with a male-patterning disposition [62]. This disorder affects 5-10% of female
population in reproductive age and arises from an excessive production of androgen due
to underlying hormonal disorders. By contrast, there are many hair-loss associated
disorders which can be classified as reversible or non-reversible according to their
capacity to recover hair follicle function when treated.
Reversible hair loss
Telogen- and anagen-effluvium disorders imply a sudden loss of hair. While in the first
type, hair follicles synchronously enter in the telogen, in the second hair are lost during
anagen due to an external agent that affect the mitotic/metabolic activity of hairs [63].
Other disorders arise because of physical stress forces to the hair follicles (Traction
Alopecia and Trichorrhexis Nodosa), infections (Timea Capilaris), or psychiatric
disorders (Trichotilomania) [59], [64]. Nonetheless, the most common type of reversible
hair loss is Alopecia Areata, characterized by a complete loss of hair in a localized area
(Figure 1.8-A). In severe pathologies, this hair loss can extend to the whole region
(alopeacia totalis) or to the whole body (Alopecia universalis) [65]. Alopecia areata is a
T-cell-mediated autoimmune disorder in which the bald areas spontaneously recover
within the subsequent year. There is no related curative therapies other than
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immunosuppressive treatment to control its progress and improve patients’ quality of life
[59]. Despite it only affects 0.1-0.2% of the total population, it is the most common
autoimmune disease. This disorder may be associated to either other underlying
autoimmune conditions such as vitiligo or persistent anemia or to physical and emotional
stress [64], [65].

Figure 1.8:Hair follicle disorders: A) alopecia areata [63] and B) cicatricial alopecia. (Image
reprinted with permission from [66]).

Non-reversible hair loss
In cicatricial alopecia, also referred as scarring alopecia, the hair follicle is irreversibly
damaged due to destruction of hair follicle stem cells in the bulge and is replaced by scar
tissue (Figure 1.8-B) [59]. According to the nature of the injury that causes the loss, it
can be classified as primary or secondary cicatricial alopecia [66]. In the first, hair follicle
damage occurs as a consequence of a heterogeneous group of autoimmune or
inflammatory diseases, while in the second is caused by incidental damage (trauma,
burns…) [66]. Nowadays there is no available treatment to induce hair follicle
regeneration, being only possible to treat the underlying cause or transplant the bald
area with hair follicles from other body locations [66]. Another clear, more common
example of non-reversible hair loss is androgenetic alopecia, a non-scaring pathology in
which hair is progressively lost following a pattern distribution in men, and a more diffuse
hair loss in women [67] (Figure 1.9-A). This pattern distribution is defined by genetically
predisposed hair follicles that are susceptible to the effect of androgens whose activity
causes a gradual reduction of the anagen stage during hair cycling and consequent
decrease in hair size [68]. In advance stages of the disease the hair follicles are not able
to re-enter in the anagen stage, leading to hair loss [67], [69]. The prevalence of the
disorder for Caucasians older than 70 years is higher in men, with a 50-70% against a
30-40% in women [70], [71]. While suitable treatment for this type of alopecia should
stop hair loss or promote hair induction, nowadays there are no available regenerative
therapies. Nonetheless, according to the progression of the disease, different treatments
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are currently available, including the use of oral/atopic drugs, hormones, or surgery [64],
[72]. For patients in an advance stage of the disease, restoration surgeries arise as the
only available solution. Restoration surgeries include scalp reduction or follicular unit
transplant from areas with higher hair density [72]–[74] (Figure 1.9-B). This last option is
not only a very laborious task with a high associated cost, but also limiting for patients
with no available hair follicles. In addition to that, restoration therapies do not imply hair
follicle regeneration but transplant, highlighting the need of an autologous therapy that
induce hair follicle regeneration.

Figure 1.9: Hair loss disorder: A) androgenetic alopecia and B) follicular unit transplant (FUT)
used in restoration therapy. (Image reprinted with permission from [63] ,[75], respectively).

1.3. HAIR FOLLICLE REGENERATION
Thanks to all the available knowledge on hair follicle morphogenesis and cycling, many
different strategies have been explored to succeed in complete hair follicle regeneration.
Hair follicle regeneration studies require a cell population capable of inducing follicle
formation and a culture system to host them (in vitro/in vivo). Regarding the former, they
can be classified as follicular or non-follicular depending on whether they are or not from
the hair follicle.
Follicular cells
Initially, cell populations within the hair follicle were explored to analyze their role in hair
follicle morphogenesis and maintenance and hence, their potential in post-natal hair
follicle regeneration. From the dermal compartment, the capability of both cultured DP
and DS structures to induce hair follicle reconstitution was proven by Oliver and Jahoda
in different experiments using vibrissa hair follicles. In a first study, they showed the
failure of a hair follicle to regenerate when more than one third of the lower part was
removed. However, when the removed tissue was replaced by a dissected DP, it was
fully reconstructed [76]–[78]. Posteriorly, they successfully induced hair follicle formation
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when either DP structure or cultured DP cells were combined with epithelial cells and
transplanted to afollicular skin in rat, proving DP’s inductive capacity [79]–[82]. All these
studies were the precursors of the next reconstitution assays in which either the DP
structure, DS or their dissociated cells were used to promote hair follicle neogenesis in
combination with cells from the epidermal compartment of the hair follicle [32], [83], [84].
As regards epidermal compartment, bulge cells actively contribute to hair follicle postnatal regeneration, cycling and wound healing [27], [85], [86]. Although bulge depletion
results in complete follicle loss, they are present in patients with alopecia, whereas
dermal papilla cells are not [87], [88]. This observation questions the role of bulge stem
cells in complete hair follicle regeneration in adults and the convenience of their use for
hair follicle reconstruction. Although bulge stem cells alone are not able to regenerate
the hair follicle, there is a notorious increment of hair follicle formation when they are
combined with DP cells. This points out the need of understanding and mimicking dermoepidermal interactions of the two different cell populations [89]. To this end, cells of
different stem potential – bulge cells [90], [91], neonatal keratinocytes [92], [93], and
embryonic cells [94]– have been used in combination with DP to engineer hair follicle
germs to induce follicle formation and regeneration. Although some of these approaches
managed to succeed, most of them used murine cells (Table 1.1). However, in a few
studies, a combination from human/murine origin or from human alone were used.
Notwithstanding the interest of these studies from the mechanistic point of view, they are
far away from reproducing post-natal hair follicle regeneration in humans [95].
Non-Follicular cells
Hair follicle regenerative therapies requires the use of autologous cell populations. This
is guaranteed by the possibility of isolating both hair follicle stem cells and DP cell in
humans and thanks to the immune privilege of the DP, which theoretically allows the use
of allogenic structures [30], [95]. Nonetheless, in some cases there is a lack of available
tissue, as for example in patients with alopecia. This has propitiated the exploring of nonfollicular cell sources (Table 1.1). One of them are skin derived precursors (SKPs), a
multipotent embryonic dermal precursor that persists in adulthood and is responsible of
tissue homeostasis and regeneration [96], [97]. Despite SKPs have been proven to
successfully regenerate both hair follicles and sebaceous glands in mouse, their isolation
is complex, and their inductive potential is still unclear [95]. Additionally, human induced
pluripotent stem cells (iPSCs) have been differentiated into DP cells and human follicle
stem cells and employed to mimic dermo-epidermal interactions an stimulate organ
development [98], [99][100]. However, the use of iPSC for regenerative therapy is
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nowadays contentious in terms of safety due to viral integration in the genome that can
lead to teratoma formation [95], [101].
Regarding the culture system, most of the studies that have successfully regenerate
human hair follicle were performed in immunodeficient mice. However, the attempts to
replicate this process in vitro have considerably increased in the last years, being
Collagen I the selected material in most of the dermal equivalents used [92], [94], [102].
In spite of all the positive results found when mimicking hair follicle morphogenesis, most
of them lack hair follicle key features such as innervation, vascularization and sebaceous
gland formation. Additionally, all the acquired knowledge is mostly based in hair follicle
regeneration in mice, questioning whether it would be applicable in human hair follicle
regeneration.
Table 1.1:

Summary of different methodologies developed to induce hair follicle (HF)

formation[95].
Cell

Dermal

Epithelial

Culture

origin

cell type

cell type

system

Result

SKPs

Neonatal keratinocytes

In vivo

HF formation[99]

iPSC-derived dermal cells

iPSC-derived bulge cells

In vivo

HF regeneration[97]

Neonatal dermal cells

Neonatal keratinocytes

In vitro

HF formation[102]

Mouse

Human DPc

Mouse embryonic epithelial

In vivo

HF regeneration[94]

+

Mouse neonatal dermal cells

Human iPSC-derived bulge cells

In vivo

HF formation[96]

Human

Human DPc

Mouse embryonic epithelial

In vivo

HF formation[93]

DPc

Fetal keratinocytes

In vivo

HF formation[103]

SKPs

Adult epithelial stem cells

In vivo

HF formation[104]

DPc

Cultured ORS-keratinocytes

In vitro

HF primordium[105]

Mouse

Human

1.4. THE ROLE OF HAIR FOLLICLE DERMAL PAPILLA
STRUCTURE
While the scientific community approached hair follicle regeneration in diverse ways,
most of them emphasize the key role of DP structure in post-natal hair follicle
reconstruction.

1.4.1. DERMAL PAPILLA STRUCTURE AND COMPOSITION
As described previously, DP is a spherical structure located at the base of the hair follicle
surrounded by matrix cells (Figure 1.10). It arises during embryogenesis as a product of
the aggregation of mesenchymal cells in response to the first epidermal message. The
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DP is responsible then for triggering the second dermal message by which the epidermis
differentiates into a hair follicle. Additionally, it cooperated with bulge stem cells in
maintaining the cycling activity of the hair follicle during human lifetime.
This cellular aggregate is mainly composed of specialized mesenchymal cells, from now
referred as dermal papilla cells (DP cells) with stem potential that express specific
molecules and enzymes [32]. While most of the functions of these molecules and their
implication in hair follicle regeneration are still unknown, they are used for cell
identification. One of these molecules is alkaline phosphatase (ALP), whose expression
is always present, although it varies along the whole hair cycle, being stronger during
anagen [106], [107] (Figure 1.11-A). In addition to cell identification, ALP is used as a
marker for stemness [83], directly linking its inductive capacity to cell passage [108].
Another important marker is Versican, a proteoglycan specifically expressed during
anagen by DP cells (Figure 1.11-B). Versican is key in anagen phase induction and
maintenance, and its expression is depleted in hair follicles from patients with
androgenetic alopecia [109], [110]. Some other relevant markers are: alpha-smooth
muscle actin (-SMA), positively expressed in in vitro cell culture [111], [112]; Corin,
which is expressed in early stages of follicle formation but not required for
morphogenesis [113] and CD133, which is present in mouse skin during anagen and if
it is not expressed in DP cells, reduce hair follicle formation efficiency [114].

Figure 1.10: Structural analysis of a hair follicle with H&E. A) Black arrow points the DP structure;
B) Higher magnification of the DP structure. (Image reprinted with permission from [38]).

Within the DP structure, cells are hosted in a proteoglycan-rich extracellular matrix
whose composition is similar to that of the basal membrane [115], [116]. Despite Laminin,
Collagen IV, and fibronectin being the predominant components, interstitial collagens
(type I and III) are also present. Additionally, different proteoglycans can be found in the
DP structure: chondroitin-, heparan-, dermatan-, and kearatan sulfate [117], [118].
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Interestedly, chondroitin sulfate proteoglycans, such as Versican, are key not only in
maintaining moisture and volume of the structure, but also in their aggregative capacity
and immune privilege properties [119]–[121]. During its lifetime, DP structure shows
changes in size and volume directly linked to the different hair follicle stages. This is not
only explained by the recruitment of cells from the DS during anagen [122], [123], but
also by the cellular activity and subsequent extracellular matrix production [116]. This
may be confirmed by the different features shown by DP cells at different cycle stages.
During anagen, DP cells contain many cytoplasmatic organelles and are embedded in
an abundant matrix that is almost inexistent during telogen. In the latter, the presence of
organelles in cells decreases, evidencing the reduction of their metabolic activity.
Changes in matrix size and composition during the different stage of the hair cycle
directly linkage the inductive role of DP cells to the production of different protein
products present in the DP matrix [124].

Figure 1.11: Expression of hair specific protein in hair follicle: A) ALP and B) Versican. (Images
reprinted with permission from [83], [125], respectively).

When cultured, cells can spread out of the DP structure, show a flatten shape, autoaggregate, can form layers when they are at confluency – contrary to dermal fibroblast, and have easy senescence and proliferative capacity [124], [126], [127]. Surprisingly,
when they DP cells are subcultured, protein synthesis in the cells switches to that
expressed by cells that are within the DP structure. Just after spreading out, cells are
positive in Fibronectin, Collagen IV and Laminin, while at longer culture types they mainly
express collagen type I and III. This may be understood as a change of its native fate
and concomitant loose of its inductive capacity [115]. In this context it is important to
mention that most of the acquired knowledge from DP cells culture is related to cells from
rodent origin. Although they share some common features, they differ in many other
ways, as for example the non-spontaneous aggregative behavior, from human DP cells
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[125]. This highlights that inductive behavior and cell fate cannot be only affected by
culture type but also explained by cellular origin, explaining the uneven formation
efficiency found in regeneration studies using human and murine DP cells.

1.4.2. DERMAL PAPILLA CELL REPROGRAMMING
Nowadays clinical applications for hair follicle regeneration involve transferring of
follicular units from places of high follicular density to the regeneration areas [73], [75].
These one-to-one methods do not imply hair follicle regeneration but relocation, which
points out the need to develop regenerative therapies that induce de novo hair follicle
formation. The capacity of DP structure to induce hair follicle neogenesis proposes it as
one of the key elements for hair follicle regeneration. Although intact DP structure can
be used for hair follicle induction it would imply one-to-one methodology similar to the
currently available methods for alopecia [79]. On this basis, a big effort is made by the
scientists to develop a regenerative therapy that both promotes hair follicle formation and
cloning. All these methodologies require high number of available cells, which inevitably
involves cell culture and expansion. Available methods for DP extraction and culture
require microdissection and/or enzymatic digestion, with the consequent disruption of its
extracellular matrix [124], [128], [129]. Besides the loss of its microenvironment niche,
crucial in hair induction, conventional cell culture does not provide with the molecular
signals present in vivo [90], [95]. This leads to a change in cellular fate and its inductive
properties after few passages [110]. One of the main issues in hair follicle neogenesis is
to design a culture method or system that amplify the number of DP cells while keeping
its inductive fate [95].

Figure 1.12: DP cells reprogramming in spheroid culture: A) spheroid in hanging drop culture; B)
ALP and C) Versican expression in DP cells within the spheroid. Scale bar: 150 µm. (Images
reprinted with permission from [111] )

Regulation of hair morphogenesis and cycling is driven by complex molecular pathways.
Moreover, the expression profile of Wnt, BMP or FGF molecules is upregulated in intact
DP cells, whereas is not expressed in cellular cultures [108], [130]. Cell culture media
enriched with any of these stimulants have mediated in restoring DP cells signature in
conventional cultures. Furthermore, cell culture media can be supplemented with platelet
rich plasma (PRP) as it contains activated factors such as fibroblast growth factor (FGF)
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and platelet derived growth factor (PDGF), both present in hair follicle signaling pathways
[130]–[136]. Alternatively, the use of biomaterials either as a cell culture substrate [137]–
[140] or for cell encapsulation [84], [102], [141], [142] has been explored to rescue DP
cells inductive capacity. Some of the materials include Collagen I [84], [102], alginate
[141], [142] and more recently, human placenta-derived hydrogel [138]. Even positive
results have been reported on cellular stemness recovery, most of the studies implied
the use of murine DP or epithelial cells to successfully promote hair follicle regeneration
[84], [102], [132], [133], [143].
Besides the molecular signaling pathway, Higgins et. al proposed the use of cellular
spheroids to mimic in vivo cell environment. With this purpose 3000 cells spheroids were
generated using a hanging drop method. Spheroids did not only show a DP-like
morphology, but also rescued its cellular fate, proven by the expression of ALP, Versican
or SMA proteins as well as Corin and Lef1 [111] (Figure 1.12). This finding was later
confirmed by the transcriptome analysis of the cells within the spheroid, similar to that of
an intact DP structure. For hair follicle induction, DP spheroids (DPS) were deposited in
between the dermo-epidermal junction of juvenile foreskin, and grafted to the back of 8week-old SCID mice [125]. After six weeks in culture, de novo hair follicle formation was
confirmed by H&E tinction and positive immunostaining for K14, K31, K71 and K75 in
the ORS, hair cortex, IRS and companion layer respectively [144] (Figure 1.13). Despite
the wide formation efficiency values found (10-60%), this culture system arose as an
alternative to conventional 2D culture and radically changed the way to approach cell
reprogramming of adult human DP cells. Moreover, they can induce hair follicle formation
with no need of co-culturing with embryonal/neonatal murine cells [145].

Figure 1.13: Human hair neogenesis promoted by DPS. Structural analysis: A) H&E); B-D:
immunostaining B) laminin-5 (red); C) K71(green) for the IRS and K31 (red) for the cortex and D)
K14 (green) for the ORS and K75 (red) for the companion layer. Scale bar: 100 µm. Image
reprinted with permission. (Images reprinted with permission from [125]).

Whereas the potential of DP structure to induce hair follicle formation in rodent has been
prove in rodent, this is not applicable for human DP. When human DP cells are cultured,
they lose their inductive potential, and hence are not able to promote hair follicle
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differentiation. Cellular spheroids arise as an alternative methodology for DP cell
reprograming and hair induction. When human DP spheroids were generated in vitro and
implanted in the dermo-epidermal junction in mice they promote hair follicle formation.
However, this methodology exhibited low hair follicle formation efficiency of not fully
differentiated hair follicles.
in the race for hair follicle regeneration in humans, The use of 3D cultures combined with
the use of biomaterials -either for cell encapsulation or culture enrichments -[94], [146],
[147], have opened the door to explore new methodologies to restore DP cells inductive
capacity.

1.5. MOTIVATION
As described along these chapter, hair follicle is a very complex structure that has a key
role in biological functions. Disorders associated with hair loss do not only compromise
correct functioning of human body, but have associated psychological consequences
[59], [148]. The high cost of the available treatments and the low availability of hair
follicles in severe cases of hair loss underline the need to develop a hair regeneration
therapy in adults [149]. In addition to that, the increasing need of skin in vitro models in
pharmacological testing requires the generation of realistic skin models with all its
associated appendages [150], [151].
On the basis of these needs, this thesis aims to propose a methodology to induce hair
follicle morphogenesis. Despite several approaches that successfully regenerate the hair
follicle have been reported in the literature along the last 40 years, most of them imply
the use of either embryonic or neonatal cells from murine origin or genetically modified
cells in mouse models. This raises the question of whether these methods can be applied
in humans, not only due to safety reason, but also to the differences found in hair
morphogenesis in the two species.
Human DP cells can be obtained and cultured from human hair follicles and have shown
their ability to promote hair follicle formation in vivo when cultured in spheroids. Here we
propose the use of DPS in combination with adult skin epithelial cells to induce hair
follicle formation in a plasma-derived in vitro skin model. In that sense, this methodology
can both solve the problem of hair regeneration in humans with autologous cells as well
as provide an in vitro skin model with hair follicles, milestones not yet achieved.

1.6. THESIS OUTLINE
Throughout the next chapters a series of experiments will be proposed to promote hair
follicle formation in an in vitro skin model. First, human DP cells will be extracted from
human scalp hair follicles to stablish different cell lines and then they will be used in the
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generation of cellular spheroids. Additionally, both DP cells from commercial origin and
immortalized DP cells will be also employed in the generation of cellular spheroids. In
order to do so, different spheroid formation methodologies and culture condition will be
explored and compared in terms of spheroid formation efficiency, morphology, and size.
Additionally, cell viability and stemness recovery will be conscientiously analyzed. Then,
the use of human fibrin microgels for DP cells encapsulation will be proposed as an
alternative to conventional spheroid culture. Matrix stability, cell viability and stemness
will be characterized and compared to that of cellular spheroids. Finally, both spheroids
and fibrin microgels with encapsulated DP cells will be introduced into plasma-derived
organotypic skin cultures to induce hair follicle formation.
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CHAPTER TWO

2. DERMAL PAPILLA SPHEROID CELL
CULTURE
2.1. INTRODUCTION
This chapter is devoted to analyzing the experimental conditions used for the 3D culture
of human follicle dermal papilla cells (hFDPc) as cellular spheroids in order to mimic their
natural environment. Historically, the dermal papilla has been defined as a crucial
structure for hair follicle development promoting de novo hair follicle formation [1], [2].
These studies were mainly conducted in mice. When mouse dermal papilla explants are
cultured in 2D, cells migrate out of the structure, proliferate and auto aggregate to form
structures similar to the DP. This aggregating capacity is not present when hFDPc are
cultured in 2D, losing the inductive capacity of hair follicle formation when they scape
from the DP structure [3]. In recent years, cellular spheroid formation with hFDPc has
become a way to overcome this lack of spontaneous aggregating capacity, and to
reprogram human cells to restore, at least in part, their capacity to induce hair follicle
formation as when they are present in the DP in vivo [3].
Thanks to their relative similarity to in vivo DP, in vitro 3D cultures of hFDPc have been
increasingly used during the last years. This culture methodology has been broadly
explored for in vitro modeling of different diseases [4]–[7], especially for in vitro tumor
models in cancer studies [8]–[11]. Spheroid culture has been described for either one
cell population or mixed cell populations using different methodologies [12], [13], which
include: hanging-drop, spinner culture, microfluidics or the use of hydrogels to avoid cell
adhesion to the substrate. Hanging-drop methodology has been extensively applied in
the literature thanks to the low requirement of expensive or professional equipment in
small scale experiments [14]–[16]. However, for high-throughput purposes specific
spheroid culture plates with low adherence surfaces have emerged as an alternative with
high reproducibility [17], [18]. The main advantage of spheroid culture is that they
provide a similar physicochemical environment to the one found in vivo and promote
stemness marker expression. However, their main disadvantage is that they show a sizedependent diffusion gradient to the core of the spheroid that compromises cell viability
[13], [19], [20]. In order to mimic hair follicle DP structure present in humans, the
conditions for obtaining and culturing hFDPc and 3D spheroid cultures are analyzed in
this chapter. For this purpose, a series of experiments were performed in terms of
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spheroid formation methodology and morphometric analysis. Additionally, the viability of
DP cells in the spheroid was analyzed as well as their inductive capacity.

2.2. MATERIALS AND METHODS
2.2.1. MATERIALS
For spheroid cell culture, commercial – hFDP cells (PromoCell, Germany), Dulbecco’s
Modified Eagle’s Medium (DMEM) + GlutaMAXTM supplemented with 10% fetal bovine
serum (FBS) and 1% Antibiotic/Antimycotic (AB-AM) (Thermo Fisher Scientific, USA)
and BIOFLOATTM 96-well plate (faCellitate, Germany) were used. Spheroid viability and
proliferation were studied using Live/Dead® Viability assay (Thermo Fisher Scientific,
USA), CellTiter-Glo® 3D Cell Viability Assay (Promega, USA) and the thymidine analog
BrdU (5-bromo-2’-deoxyuridine) (Thermo Fisher Scientific, USA). Immunofluorescence
characterization

was

performed

using

the

following

antibodies:

anti-Alkaline

Phosphatase (anti-ALP) (ab65834, Abcam, UK), anti-Versican (PA1-1748A, Thermo
Fisher Scientific, USA), anti--Smooth Muscle Actin (anti-SMA) (DB147-0.1, DB
Biotech, Slovakia), anti-BrdU (MA3-071, Thermo Fisher Scientific, USA), anti-Rabbit
secondary antibody Alexa-555 (A27039, Thermo Fisher Scientific, USA) and DAPI
(Thermo Fisher Scientific, USA) for nuclei staining. For spheroid immunofluorescence
image acquisition in confocal microscopy, samples were introduced in Ibidi® µm-slide
18 well glass bottom (Ibidi, Germany) filled with Phosphate Buffered Saline 1X (PBS)
(Thermo Fisher Scientific, USA).

2.2.2. CELL CULTURE
For spheroid cell culture, human follicle dermal papilla cells (hFDP), either commercial
or extracted from donor’s hair follicle biopsies were used. Additionally, human dermal
fibroblasts (FH) and immortalized human follicle dermal papilla cells (PDhTert) were
used as a control.
Commercial-hFDP cells
Cells from commercial origin were tested for cell morphology, cell viability and for positive
alkaline phosphatase expression by the manufacturer. At arrival, hFDPc were at cell
passage two (P2), and cells were subcultured in F75 flask using Dulbecco’s Modified
Eagle’s Medium (DMEM) + GlutaMAXTM supplemented with 10% fetal bovine serum
(FBS) and 1% Antibiotic/Antimycotic (AB-AM) at 37ºC and 5% CO2. Culture media was
changed every 2-3 days until 80% confluency was reached (Figure 2.1-A and Figure 2.2A), point at which cells were subcultured for spheroid formation (see section 2.2.3). Cell
passage and population doublings were always tracked to check stemness of cell culture
over time (See section 2.2.8).

33

Patient- hFDP cells
Follicles left over from hair graft surgery were kindly donated by Clínica Dermatológica
Láser (Madrid, Spain), according to the conditions agreed on a Material Transfer
Agreement (MTA). Hair follicles were extracted using Follicular Unit Extraction (FUE)
method [21], preserved in basal DMEM culture media with 2% AB-AM at 4ºC for a
maximum of five hours after extraction. Hair follicles were dissected for DP extraction by
Jorge Gonzalez-Rico, research technician of the group, following the protocol described
by Higgins et al. to obtain a dermal papilla primary cell culture [22]. Once hair follicles
were dissected, eight DP were transferred into 35-mm cell culture plate filled with
DMEM/20%FBS/1%AB-AM culture media. Using a 21G needle, they were sticked in the
plate to dislodge the dermal papillae and ensure cell exit from the structure. To promote
cell-exit and proliferation, DP were cultured using DMEM/20%FBS/1%AB-AM, at 37ºC
and 5% CO2 until hFDPc had migrated out of the structure. After two weeks, culture
media was changed to DMEM/10%FBS/1%AB-AM, until cell culture had reached 80%
confluency, time at which cells were transferred to a new plate (Figure 2.1-B). Culture
plate was washed twice with PBS 1X and incubated with 500µL trypsin for 5 minutes at
37ºC and 5% CO2 for cell detachment. Trypsin was neutralized using 1mL culture media
and centrifuged at 700 x g for 5 minutes, after which supernatant was removed. Cells
were resuspended in 12 mL DMEM/10%FBS/1%AB-AM culture media and seeded in a
75-cm2 flask. These cultures were considered as being at cell passage one (P1). Culture
media was changed each 2-3 days until an 80% culture confluency was reached, point
at which cells were subcultured for spheroid formation (see section 2.2.3). Cell passage
and population doublings were always tracked to check stemness of cell culture over
time (see section 2.2.8). Two different cell lines were obtained, one from a 50-year-old
male (Patient 1) and other from a 30-year-old female (Patient 2).

Figure 2.1: Cell culture of hFDPc from A) commercial and B) patient origin. Scale bar: 500 µm.
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Immortalized hFDP cells
Dermal papilla cells were immortalized by Dr Marta García at Centro de Investigaciones
Energéticas, Medioambientales y Tecnológicas (CIEMAT) (Madrid, Spain). In short,
commercial hFDPc at cell passage four (P4) and 30% confluency were cultured with the
supernatant produce by HEK 293T cells transfected with the retroviral vector pBABWPuro-hTERT (Addgene, USA), together with the plasmid needed for viral encapsidation:
pNG-VL3-MLVgag-pol, pNGVL3-4070 (Addgene, USA). After being successfully
immortalized, cells were cultured using DMEM/10%FBS/1%AB-AM culture media at
37ºC and 5% CO2. Culture media was changed each 2-3 days until 80% confluency was
reached (Figure 2.2-B), point at which cells were subcultured for spheroid formation (see
section 2.2.3). Cell passage and population doublings were always tracked to check
stemness of cell culture over time (see section 2.2.8).
Human dermal fibroblasts
Human primary dermal fibroblast obtained from skin biopsies were cultured in F75 flask
using DMEM/10%FBS/1%AB-AM culture medium at 37ºC and 5% CO2. Culture medium
was changed each 2-3 days and when cells were at 80% confluency, they were
subcultured for spheroid formation (see section 2.2.3). Cell passage and population
doublings were always tracked to check stemness of cell culture over time

Figure 2.2: Cell culture of hFDPc A) commercial and B) immortalized. Scale bar: 500 µm.

2.2.3. SPHEROID CELL CULTURE
For hFDPc reprogramming, dermal papilla spheroids (DPS) were cultured based on the
methods described in detail by Higgings et. al. for in vitro generation of hair follicles [23].
With that purpose, DPS containing 3000 cells were generated in order to analyze
different culture conditions.
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CULTURE CONDITIONS

To analyze the effect of different culture conditions on spheroid formation efficiency and
morphology, spheroid culture was carried out at different culture conditions (Table 2.1):
Table 2.1: Culture conditions for spheroid formation efficiency and morphometry analysis
Culture Plate

Antibiotic/Antimycotic

Cell Type

Cell Passage

Commercial-hFDPc
Hangging Drop

with/without

Patient- hFDPc (1)

P2, P3, P4, P5, P6

Immortalized hFDPc
Human Dermal
Fibroblasts
Commercial-hFDPc
LA-plate

with

Patient- hFDPc (1 and 2)

P2, P3, P4, P5, P6

Immortalized hFDPc
Human Dermal
Fibroblasts

Formation method: hanging drop vs spheroid plate
For spheroid generation, two different methods were evaluated: hanging drop and low
adhesion culture plate specific for spheroid cell culture (LA-plate). Hanging drop culture
was based on the methods described in detail by Higgings et. al [22]. In short, when cell
culture was at 80% confluency, culture plate was washed twice with PBS 1X and
incubated with 1mL trypsin for 5 minutes at 37ºC and 5% CO2 for cell detachment.
Trypsin was neutralized using 1mL DMEM/10%FBS, from which 10µL cell suspension
was used for cell counting in a Neubauer chamber, and the rest was centrifuged at 700
x g for 5 minutes. Supernatant was removed and cells were resuspended at a cell density
of 300 cells/µL in DMEM/10%FBS. Following this step, 10µL-drop of cell suspension
were deposited, homogeneously distributed, on the lid of a 100-mm culture plate for
spheroid production. The culture plate was filled with PBS 1X and covered with the lid
containing the hanging drops. Additionally, to avoid cell culture evaporation, a 100-mm
culture plate filled with PBS 1X was stacked on top of the plate containing the drops
(Figure 2.3-A). If more than one culture plate was needed, they were stacked together,
placing one more plate filled with PBS 1X on top of them. Cell culture plates were
incubated 48 hours at 37ºC and 5% CO 2 for spheroid formation. For each condition, at
least 50 spheroids were generated.
To compare spheroid formation methods, spheroids were generated using low adhesion
culture plate specific for spheroid cell culture (LA-plate). For this purpose,10µL cell
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suspension was introduced in each well (Figure 2.3-B), after which 100µL of extra culture
media (DMEM/10%FBS/1% AB-AM) was added. Culture plates were placed on an
incubator for 48 hours at 37ºC and 5% CO 2 for spheroid formation. For each condition,
at least 50 spheroids were generated.

Figure 2.3: Spheroid formation methods: A) hanging drop and B) LA-plate.

Cell type
Spheroid cultures were generated using four different cell types: commercial-hFDPc,
patient- hFDPc, PDhTert and FH. With that purpose, cells were cultured in F75 culture
flask as described in (see section 2.2.2).
Cell passage
For each cell type, population doublings were always recorded to track stemness of cell
culture over time (see section 2.2.8). For this purpose, initial cell seeding number was
known, and cell subculture was always at (1:2), so that each cell passage corresponds
to a population doubling.
Presence of antibiotic/antimycotic
As reported in the literature, the presence of antibiotic/antimycotic (AB-AM) in cell culture
medium affects spheroid formation efficiency [22]. To analyze this effect more in detail,
each cell type was cultured using DMEM/10%FBS with and without 1% AB-AM. To avoid
overlapping of conditions, cells at the same passage were separately seeded in two
different 75-cm2 culture flasks and cultured separately with or without AB-AM. For
spheroid culture, the presence or absence of AB-AM was maintained during spheroid
formation in hanging drop method.
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2.2.4. DATA ACQUISITION
When the spheroids were formed, images of each spheroid were taken using a calibrated
inverted microscope Olympus CKX41 (Olympus, Japan) with PixeLINK camera with a
10x magnification. At least 50 images of each condition were taken in Tagged Image File
Format (.tiff) for formation efficiency and morphometric analysis.

Figure 2.4: Example of different structures found after spheroid formation and their classification
as spheroid or no-spheroid according to the aforementioned criteria: A) no-spheroid as there was
a cell dispersion with no aggregation; B) no-spheroid as it did not show a clear border C) nospheroid due to the presence of multiple aggregations or mini-spheroids and D) spheroid. Scale
bar: 300 µm

2.2.5. ANALYSIS OF FORMATION EFFICIENCY
To analyze the effect of different culture conditions in formation efficiency, first, images
were classified as spheroid/no-spheroid according to the following criteria: spheroids
were circular and with clearly defined borders (Figure 2.4). For the statistical analysis,
data extracted from image classification was grouped in a table of proportions for the
different culture conditions (Figure 2.5).
R-Studio software (RStudio PBC, USA) was employed to perform Chi-squared test (2test) of independence to test whether spheroid formation was influenced by any culture
condition [24]. The independence of variables (H0) was tested with a significance level
of 0.05. As an example: was formation efficiency affected by the presence of antibiotic?

Figure 2.5: Example of the table of proportions from R-Studio software for formation method (left)
and antibiotic/antimycotic (right) for 2-test.
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2.2.6. MORPHOMETRIC ANALYSIS
The effect of culture conditions in spheroid size and morphology was studied by
analyzing spheroid diameter (𝑑𝑠 ) and roundness (𝑅𝑠 ).

Figure 2.6: Steps in area extraction through image segmentation in MATLAB: A) Spheroid
microscopy image; B) conversion to binary image and border selection and C) assuming that the
spheroid is continuous, the binary image is filled to obtain the total area of the spheroid.

A self-designed program in MATLAB (MathWorks, USA) available in the group was used
to extract the area and roundness of each spheroid. The area was calculated as the
projected area of the spheroid (𝐴𝑆 ) in µm2 (Figure 2.6). With the assumption of perfect
circular shape, radius (𝑟𝑠 = √𝐴𝑆 ⁄𝜋 ) and diameter (𝑑𝑠 = 2𝑟𝑠 ) can be easily calculated.
The similarity of the shape of an object to that of a mathematically perfect circle was
defined as roundness, and it ranges from 0 for infinitely elongated polygon to 1 for perfect
circle. For spheroid images, roundness was computed as follows:
I.

Look for the center of mass (centroid) of the spheroid (Figure 2.7-A).

II.

Generate a circular mask of a perfect circle whose area was 𝐴𝑆 and the center
was located at the centroid (Figure 2.7-B).

III.

Apply the mask to the spheroid image to calculate the area of the spheroid that
falls into the mask (𝐴𝑚 ) (Figure 2.7-C)

IV.

Roundness (𝑅𝑠 ) was calculated as 𝑅𝑠 = 𝐴𝑚 ⁄𝐴𝑆

For further statistical analysis in R-Studio software (RStudio PBC, USA), data extracted
from image analysis was arranged in a common table. Each row corresponded to a
spheroid, and was defined by two numerical continuous response variables, 𝑑𝑠 and 𝑅𝑠 ,
and six categorical explanatory variables for culture condition ( Figure 2.8).
For data cleaning, data points that were 1.5 times out of the inter quantile range (Q25Q75) from the median were considered as outliers and removed [25]. Additionally, data
normality was checked using Shapiro test [26].
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Figure 2.7: Steps in roundness extraction through image segmentation in MATLAB: A) centroid
location in the segmented image; B) mask generation of a perfect circle with the same area of the
segmented spheroid and C) application of the mask (B) to the spheroid image (A).

The effect of explanatory variables in each response variable was tested independently.
Equality of means (H0) was tested for a significance level of 0.05 with One-way ANOVA
to analyze whether each culture condition influenced spheroid diameter [27].
Additionally, Tukey’s test was used to investigate multiple relations for explanatory
variables with multiple levels (i.e., cell passage) [28]. This analysis was repeated for
spheroid roundness. For example, we wanted to analyze whether spheroid size was
affected by cell passage, or which was the effect of formation method in spheroid
roundness.

Figure 2.8: Extract of the table used for statistical analysis in R-studio software of the
morphometric parameters of cellular spheroids. In the image was shown the header and the first
seven rows of the original table.

2.2.7. CELL VIABILITY AND PROLIFERATION ANALYSIS IN SPHEROIDS
SPHEROID CULTURE CONDITIONS

For cell viability and proliferation studies, commercial-hFDPc were used to generate DPS
in LA-plate as described in section 2.2.3. Cell viability at a given timepoint was studied
with Live/Dead® assay for qualitative analysis and the measurement of free ATP
concentration in cell spheroids for quantitative analysis. Additionally, cell proliferation
was characterized at different timepoints by the incorporation of thymidine analog BrdU
(5-bromo-2’-deoxyuridine) into newly synthesized DNA, Live/Dead ® assay and
measurement of free ATP concentration in cellular spheroids. Different culture conditions
were examined to analyze their effect on spheroid viability and to study spheroid
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proliferation (Table 2.2). For that, some modifications were introduced to the spheroid
formation protocol described in section 2.2.3. Spheroid manipulation was carried out
using a stereomicroscope.
Table 2.2: Culture conditions for viability studies of DPS
Culture Condition

Cell Number

Culture time

Static

3000,1500, 750

0,1,3,5

Dynamic

3000,1500, 750

0,1,3,5

Cell number
To analyze the effect of cell number in spheroid viability, spheroids of 6000, 3000, 1500
and 750 cells were generated. For the experiment, a LA-plate was used to form 24
spheroids of each cell number using four cell densities: 600, 300, 150 and 75 cells/µL.
Culture plates were placed on an incubator for 48 hours at 37ºC and 5% CO 2 for spheroid
formation.
Dynamic conditions
To analyze the effect of dynamic culture in spheroid size and viability, spheroid formation
was carried out in static and dynamic conditions. For the experiment, two LA-plate were
used to form 24 spheroids of each cell number. For dynamic conditions the culture plate
was placed on a nutator at medium speed housed in an incubator, while for static
conditions the plate was cultured as described in section 2.2.3.
Culture time
To study spheroid proliferation and viability over time, spheroids were maintained in
culture up to 5 days after formation. For each experiment, two LA-plate were used to
form 24 spheroids of each cell number, one of them cultured in dynamic conditions. As
described in section 2.2.3, after 48 hours spheroids were formed, timepoint stated as t =
0. Additionally, spheroids were cultured for five extra days, and its viability was studied
at day 1, 3 and 5 (t = 1, 3 and 5). Culture medium was replaced every 2-3 days. To avoid
spheroid absorption and consequent loss by manipulation with the micropipette, only
50µL of culture medium from the top of the culture well were replaced by fresh culture
medium.
As control for each experiment, commercial-hFDPc were seeded for 2D culture. For each
experiment, cells were treated and cultured with the particularities described above, but
now in a flat p96-culture plate with opaque walls for ATP measurements. For Live/Dead
and BrdU study, 3000 cells were plated onto a 25-mm crystal in a 24-well culture plates
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as control. Cells were cultured for 48 hours at 37ºC and 5% CO 2, as for spheroids
cultures.

LIVE/DEAD ASSAY

Dermal papilla cell viability in the spheroid was characterized using Live/Dead ® Viability
assay for mammalian cells. This method was based on the simultaneous detection of
live and dead cells by the recognition of specific molecular probes. Death cell detection
was determined by EthD-1 that can enter through damaged cell membranes of nonviable cells and bind to nucleus which induces a bright red fluorescence expression
(ex/em ~495 nm/~635 nm). In live cells, the presence of intracellular esterase converts
cell-permeant Calcein AM into green, fluorescent Calcein (ex/em ~495 nm/~515 nm).
After spheroid formation, culture plates were taken off the incubator and culture media
were carefully removed with a micropipette avoiding spheroid absorption and loss. DPS
were washed twice for 5 minutes using a nutator at medium speed. Meanwhile,
Live/Dead® working solution was prepared in PBS 1X by the addition of Calcein-AM and
EthD-1 in a final concentration of 2µM. After washing, PBS 1X was discarded and 50 µL
of working solution was added to each well and incubated in darkness at room
temperature for 45 minutes (Figure 2.9). Finally, spheroids were washed twice with PBS
1X for 15 minutes in a nutator at medium speed to avoid background signal. Three
spheroids of each condition were transferred to an 18-well glass bottom plate with PBS
1X for confocal imaging at Hospital Universitario Gregorio Marañón. A z-stack of ten
images was taken for each spheroid and represented as the maximum projection onto a
plane (Figure 2.11-A).

Figure 2.9: Schematic protocol for Live/Dead® and ATP assay.
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ATP ASSAY

The presence of ATP was a marker for the presence of metabolically active cells [29].
CellTiter-Glo® 3D Cell Viability Assay produces cell lysis and generates a luminescent
signal, as a result of the luciferase reaction, proportional to the amount of ATP present
(Figure 2.10). For 2D cultures there is a linear relation on the luciferase reaction with
respect to the number of cells, but for 3D cultures the relationship is curvilinear, due to
contact inhibition on cell proliferation and/or tissue necrosis. This assay is specifically
designed for spheroid viability, lysing the inner part of the spheroid without compromising
the outer structure.

Figure 2.10: Luciferase reaction of the CellTiter-Glo® assay [29].

After spheroid formation, plates were taken off the incubator and replaced by 100 µL of
fresh culture medium. For each condition, five spheroids were transferred to p96-well
plate of opaque walls where they were stabilized for 30 minutes at room temperature.
Following, 100µL CellTiter-Glo® 3D Reagent were added to each well and shaken for 5
minutes on an orbital shaker (20 x g) at room temperature in dark (Figure 2.9). After 25
minutes extra incubation, luminescence signal was read in a Synergy TM HTX Multi-Mode
Microplate Reader (500ms/well). For 2D cultures, shaking and incubation time was of 2
and 3 minutes respectively.
For each experiment, a standard curve was generated using a 10µM ATP stock solution
in cell culture medium. In the well plate used for spheroid luminescence record, 100µL
of ATP solution at different concentrations (10µM to 1µM) were used to create the
standard curve. Luminescence was measured at the same time and manner for both the
standard curve and the spheroids, and was then related to ATP concentration. For each
particular condition, ATP concentration was divided by the total number of cells to
normalize ATP amount in terms of cell number.
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BRDU INCORPORATION

BrdU incorporates as a thymidine analog into nuclear DNA of replicating cells which are
in the S-phase of cell cycle and can be tracked using antibody probes. After spheroid
formation, culture medium was removed and replaced by culture medium with BrdUreagent at a final concentration of 3 µg/mL and incubated at 37ºC for 2 hours. Samples
were washed with PBS 1X and fixed for 10 minutes with paraformaldehyde 4% at room
temperature. After PBS 1X washing, spheroids were treated with HCl 1M for 1 hour at
room temperature for DNA denaturation to allow primary antibody access to the BrdU.
Samples were washed 5 times with PBS-TritonX0.1% and nonspecific epitopes were
blocked by incubating tissue for 1 hour in PBS-BSA 3%. For BrDu detection, samples
were incubated overnight at 4ºC with anti-BrdU primary antibody in PBS-BSA 3%
(1:100). Spheroids were washed 5 times in PBS-TritonX 0.1%, following with secondary
antibody incubation (anti-Rabbit Alexa 555, 1:1000) in PBS-BSA 3% for 45 minutes at
room temperature. Again, spheroids were washed with PBS and incubated with DAPI
(1:1000 in PBS 1X) 5 minutes at room temperature for nuclei staining. Finally, samples
were washed for 15 minutes in PBS 1X and transferred to an 18-well glass bottom plate
with PBS 1X for confocal imaging at Hospital Universitario Gregorio Marañón. A z-stack
of ten images was taken for each spheroid and represented as the maximum projection
onto a plane.

IMAGE QUANTIFICATION

Image post-processing for fluorescence quantification in Live/Dead ® and BrdU
experiments was carried out using Image J software. Live/Dead ® and BrDU are semiquantitative methods in which fluorescence quantification can be used to extract the
viability and proliferation values. For cell viability in Live/Dead ®, fluorescence
quantification was performed as follows:
I.

The area of live (green) and dead cells (red) was extracted through image
segmentation. Each fluorescence channel was analyzed independently.

II.

For each channel, the area (in pixels) of one cell nucleus and cell cytoplasm for
dead and live cells respectively was quantified (Figure 2.11B-C). For statistical
significance this process is repeated for ten cell nucleus/cytoplasm to calculate
the main value of their corresponding areas.

III.

For each channel, the total number of green and red pixels was related to the
area of a cell cytoplasm and nucleus respectively, to extract the number of live
(𝑛𝑙 ) and dead (𝑛𝑑 ) cells.
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IV.

The viability was calculated as:
𝑉𝑖𝑎𝑏𝑖𝑙𝑖𝑡𝑦 (%) =

𝑛𝑙
· 100
𝑛𝑙 + 𝑛𝑑

Here it is important to mention that red is only expressed in the nucleus while green is
expressed in the cytoplasm. For this reason, even for a viability of 50%, in a Live/Dead ®
image the area of green (live cells) will be larger than the area of red (dead cells).
For cell proliferation this protocol was also used in BrdU images to quantify the number
of proliferative cells (𝑛𝑝 ) in red with respect to the total number of cells (𝑛𝑛 ) in blue to
extract cell proliferation:
𝑃𝑟𝑜𝑙𝑖𝑓𝑒𝑟𝑎𝑡𝑖𝑜𝑛 (%) =

𝑛𝑝
· 100
𝑛𝑝 + 𝑛𝑛

Figure 2.11: Image processing for fluorescence quantification to extract cell viability in
Live/Dead®. A) Maximum projection of live (green) and dead (red) cells. Image segmentation for
pixel quantification of: B) live (green) and C) dead (red) cells.

STATISTICAL ANALYSIS

To test the significance of the culture conditions in cell viability, one-way ANOVA test
was used with a significance level of 0.05. Additionally, multiple relations were studied
using Tukey’s test.

2.2.8. CHARACTERIZATION OF DERMAL PAPILLA CELL INDUCTIVE
CAPACITY
The restoration of dermal papilla cells inductive capacity was proven by the expression
of ALP, Versican and SMA proteins, through immunofluorescence staining. For
comparison of different cell strains, commercial-hFDPc and patient- hFDPc (patients 1
and 2) all at P2 were used to generate DPS in LA-plate as described in section 2.2.3.
Additionally, to analyze the effect of cell passage on inductive capacity of dermal papilla
cells, commercial-hFDPc at cell P2 and P6 were used to generate DPS in LA-plate as
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described in section 2.2.3. Spheroid manipulation was carried out using a
stereomicroscope.
Furthermore, expression of the stemness markers was analyzed in 2D culture of dermal
papilla cells. For each experiment and cell type, in addition to the DPS culture, 3000 cells
were plated onto a 25-mm crystal in a 24-well culture plate. Cells were cultured for 48
hours at 37ºC and 5% CO2, as for spheroids cultures.
After spheroid formation, culture plates were taken off the incubator and the culture
medium was carefully removed with the micropipette avoiding spheroid absorption and
loss. Three spheroids were used for each marker. DPS were washed with PBS 1X for 5
minutes twice using a nutator at medium speed. Spheroids were fixed using
paraformaldehyde 4% for 15 minutes at room temperature, after which they were
washed with PBS 1X for 15 minutes twice using a nutator at medium speed. Additionally,
for cell membrane permeabilization in Versican and SMA localization, spheroids were
incubated with PBS-TritonX 0.1% for 10 minutes at room temperature. Then, spheroids
were blocked for 30 minutes with PBS-BSA 3% at room temperature. For primary
antibody, anti-ALP (1:50), anti-Versican (1:200) and anti-SMA (1:100) were diluted in
PBS-BSA 3%, and spheroids were incubated using 50µL antibody solution overnight at
4ºC. The samples were washed twice with PBS 1X for 1 hour using a nutator at medium
speed, and then incubated with 50µL of secondary antibody (anti-Rabbit Alexa 555,
1:1000) in PBS-BSA 3% overnight at 4ºC. Again, spheroids were washed twice with PBS
1X for 1 hour using a nutator at medium speed and incubated with 50µL DAPI solution
(1:1000 in PBS) 10 minutes for nuclei staining. Finally, samples were washed for 15
minutes in PBS and transferred to an 18-well glass bottom plates with PBS for confocal
imaging at Hospital Universitario Gregorio Marañón. A z-stack of ten images was taken
for each spheroid and represented as the maximum projection onto a plane.
For 2D-culture, after 48h culture, crystals were washed with PBS twice and then fixed
for 5 minutes with paraformaldehyde 4% at room temperature and washed again with
PBS 1X twice. Additionally, for cell membrane permeabilization in Versican and SMA
localization, spheroids were incubated with PBS-TritonX 0.1% for 2 minutes at room
temperature. Then, cells were blocked for 30 minutes with PBS-BSA 3% at room
temperature. For primary antibody, anti-ALP (1:50), anti-Versican (1:200) and anti-SMA
(1:100) was diluted in PBS-BSA 3%, and cells were incubated using 100µL antibody
solution for 1 hour at room temperature. Samples were washed with PBS 1X twice and
then incubated with 100µL of secondary antibody (anti-Rabbit Alexa 555, 1:1000) in
PBS-BSA 3% for 1 hour at room temperature. Again, spheroids were washed with PBS
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1X twice and incubated with 100µL DAPI solution (1:1000 in PBS 1X) for 2 minutes.
Finally, crystals were transferred and fixed to a microscope slide with DPX for imaging.

2.3. RESULTS
2.3.1. PRIMARY CULTURE OF HUMAN DERMAL PAPILLA CELLS FROM
HAIR FOLLICLE BIOPSIES
For dermal papilla primary cell culture establishment, follicular units of two different
patients were used to isolate the hair follicle dermal papilla. For each primary culture
eight dermal papilla were plated, each showing a circular shape with a diameter of 178,7
 32,7 µm. Approximately, after ten days in culture, dermal papilla collapsed, and cells
started to come out of the structure (Figure 2.12-A) and grow in an explant. At longer
culture times, the number of cells growing in each circular explant increased (Figure 2.12B) in such a way that the individual explants eventually merged and formed a monolayer
of cells (Figure 2.12-C), point at which they were subcultured.

Figure 2.12: Dermal primary cell culture from patient 1 at day A) 11; B) 19 and C) 25. Black arrows
point dermal papilla structure. Scale bar: 500 µm.

Dermal papilla isolation is a very meticulous, time-consuming procedure that can
compromise cell viability. For each culture plate, the hours that the follicular units have
been kept in culture medium between the moment of extraction and the moment of
seeding were recorded to study the effect of stagnation time on cell viability. After 20
days in culture, dermal papilla cells grew outside the dermal papilla, but at different rates
depending on incubation time. For shorter stagnation times (2-4 hours), the area covered
by cells growing out from dermal papilla remained constant (Figure 2.13 A-D).
Nonetheless, at longer stagnation times, the number of cells decreased considerably for
5 hours in culture medium before processing (Figure 2.13-E), being inexistent for DP
from follicles kept for 6 hours in culture medium (Figure 2.13-F).
After 30 days in culture, dermal papilla cell culture from patient 2 showed small
aggregations of cells similar to dermal papilla structure (Figure 2.14-B). These
accumulations appeared as a result of the aggregation of dermal papilla cells that were
in normal 2D culture into a 3D structure (Figure 2.14-A). This observation is particularly

47

interesting as it had been associated historically in the literature as a feature of rodent
DP cells (see section 2.4).

Figure 2.13: Dermal papilla explant after 20 days in culture. The explants correspond to DP
obtained from patient 1 follicles kept in culture medium for different times before being processed:
A) 2,25 hours; B) 2,8 hours: C) 3,5 hours; D) 4 hours; E) 5,5 hours and F) 6 hours. Black arrows
point dermal papilla structure. In E and F scrapes made by the needle when DP are attached to
the plate. Scale bar: 500 µm.
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Figure 2.14: Dermal papilla primary culture from patient 2 after 30 days. A) Aggregation of dermal
papilla cells in self-arranged spheroids (black arrows); B) Aggregation of dermal papilla cells in
Self-arranged spheroids (black arrows) as compared to a dermal papilla spheroid (DP). Scale
bar: 500 µm.

2.3.2. SPHEROID FORMATION EFFICIENCY
To analyze the effect of different culture conditions on spheroid formation, formation
efficiency was analyzed for each culture condition through 2-test. Test statistics
revealed that the formation efficiency was clearly affected by the formation method,
increasing from 50% to a 90% when LA-plate was used (Figure 2.16-A). Contrarily, the
presence of antibiotic/antimycotic in culture medium had no effect on formation efficiency
(Figure 2.16-B).

Figure 2.15:Boxplot for comparison of formation efficiency for different cell types using either
hanging drop method (black) or LA-method (grey). Cell types: commercial-hFDP (c-hFDP),
human dermal fibroblasts (FH), immortalized-hFDP (i-hFDP) and patient1-hFDP (p-hFDP).
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For different cell types, formation efficiency differed (Figure 2.15). Lower values for
commercial and patient DP cells (40 and 55% respectively) were found than for dermal
fibroblast and immortalized DP cells (75 and 65% respectively) when hanging drop
method was used. However, when LA-plate was used, cell type had no effect on
formation efficiency, being above 80% for all cell types. This finding reveals that hanging
drop method yields higher variability in formation efficiency than the use of LA-plate. This
is confirmed by the wide distribution showed in the hanging drop boxplot as compared
to LA-plate (Figure 2.16-A). Cell passage showed no effect in spheroid formation
efficiency (Data not shown).

Figure 2.16: Boxplot of formation efficiency for different culture conditions using commercialhFDPc: A) Formation method and B) the presence or absence of AB-AM using hanging drop
method. Statistical significance: p-value < 0.05 *, p-value < 0.01 ** and p-value < 0.001 ***.
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2.3.3. SPHEROID MORPHOMETRIC ANALYSIS
The morphometric analysis (roundness and diameter) of the spheroid was studied for all
culture conditions. ANOVA test reported significant differences in the size of the spheroid
for different formation methods (Figure 2.17-A), by increasing the mean diameter from
200µm in hanging drop method to 280 µm in LA-plate. For commercial-hFDPc, the
diameter of the spheroids generated using hanging drop method were closer to the size
of native human dermal papilla, which were around 180 µm (section 2.3.1). This was
confirmed for all cell types, being bigger when generated using LA-plate as compared to
hanging drop method (Figure 2.18). Conversely, the presence or absence of AB-AM in
the cell culture medium did not show any significant difference in spheroid size (Figure
2.17-B). Roundness was not affected by the formation method or cell type (Figure 2.17-

B and D).

Figure 2.17: Violin plot representing spheroid morphogenic analysis for commercial-hFDPc for
different culture conditions. Diameter for A) formation method B) presence or absence of AB-AM
and roundness for C) formation method D) presence or absence of AB-AM. Statistical
significance: p-value < 0.05 *, p-value < 0.01 ** and p-value < 0.001 ***.

Individual comparisons of spheroid size for all cell types revealed that the use of hanging
drop method shows higher variability and differences in size values than those of LAplate (Figure 2.18). In this last case, Tukey’s test proved that the only significant
difference in spheroid size was found between commercial- and patient-hFDPc, being of
281 and 239 µm respectively. Spheroid morphogenic analysis did not show any
difference in spheroid size for different cell passage for any of the analyzed cell types
(Data not shown). In summary, from those analyzed, the only experimental condition
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affecting spheroids is the formation method, with LA-plates giving rise to larger spheroids
than the HD methods.

Figure 2.18: Comparison of spheroid diameter for different cell types using either hanging drop
method (black) or LA-plate (gray). Cell types: commercial-hFDP (c-hFDP), human dermal
fibroblasts (FH), immortalized-hFDP (i-hFDP) and patient1-hFDP (p-hFDP). Statistical
significance: p-value < 0.05 *, p-value < 0.01 ** and p-value < 0.001 ***.

2.3.4. DERMAL PAPILLA SPHEROID CELL VIABILITY AND PROLIFERATION
DERMAL PAPILLA SPHEROID CELL VIABILITY

Cell viability on DPS was analyzed through Live/Dead ® assay and ATP content in
commercial-hFDPc for different culture conditions: cell number (3000,1500 and 750
cells) and static/dynamic culture.
Live/Dead® assay did not display any variation for different culture conditions (Figure
2.19), as cell viability ranged from 19% to 28% for all culture conditions. This result was

confirmed by the ATP expression for all culture conditions, for which ANOVA test showed
no significant difference neither for different cell number (Figure 2.20-A) nor
static/dynamic culture (Figure 2.20-B).
Morphometric analysis of the spheroid showed that spheroid volume and cell number
have a linear relationship. Nonetheless, in the spheroid, diameter and volume have a
cubic relation: if cell number decrease ½, cell diameter decreases approximately ¾. This
was confirmed with the experimental data, that showed that diameter of the spheroid
was 294  11; 220  7.6 and 158  10 µm for 3000, 1500 and 750 cells respectively
(Figure 2.21-A).
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Figure 2.19: Viability of hFDPc within DPS with Live/Dead® assay at day 0 for static conditions in
A) 3000 cells, (25% viability); B)1500 cells (25% viability), two spheroids shown; C) 750 cells
(23% viability) and dynamic conditions D) 3000 cells, (28% viability); E)1500 cells (19% viability);
F) 750 cells (20% viability). Three samples were analyzed to extract cell viability. Live and dead
cells in green and red respectively. Scale bar: 150 µm.

Figure 2.20: Viability of hFDPc within DPS at day 0 in terms of ATP content (nM) for different cell
number (A) and static/dynamic conditions (B). Five spheroids from each condition were used to
measure ATP concentration. Statistical significance: p-value < 0.05 *, p-value < 0.01 ** and pvalue < 0.001 ***.
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Figure 2.21: Spheroid size for DPS of different cell number (A) and at different culture days for
DPS of 3000 cells (B). Fifty samples were analyzed to estimate spheroid size.

DERMAL PAPILLA SPHEROID CELL PROLIFERATION

Proliferation of DP cells in the spheroid was studied in terms of spheroid size, Live/Dead®
assay, BrdU incorporation and ATP expression at different time points.
Morphometric analysis of the DPS evidenced a decrease in spheroid diameter in the first
two days of culture from 280  29 µm to 243  4 µm that was stabilized for longer times
(Figure 2.21-B). As spheroid did not increase in size, this suggests that hFDPc did not
proliferate in the spheroid. This observation was confirmed by Live/Dead ® analysis
(Figure 2.22-A-B) which showed a decrease in viability from 33% to 16% in the first two
days of culture, and then kept constant at longer culture times. Additionally, proliferation
was examined by the localization of replicating cells through BrdU tinction (Figure 2.24).
For the first day of culture (day 0), the number of replicating cells decreased from 12%
to 5% when comparing 2D culture and spheroid culture, respectively. For longer culture
times, at day 7, replicating cells were almost inexistent (1.25%), reinforcing the theory
that cell proliferative capacity is lower within the spheroid regarding the 2D culture at
longer culture times.
To analyze the effect of cell number (Figure 2.24-A) and static/dynamic condition (Figure
2.24-B) on cell proliferation, ATP expression was analyzed in DPS over time. ANOVA
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test did not show significant differences between cell numbers and culture conditions.
However, pairwise comparison through Tukey test revealed significant differences
between the first day and the rest of the days for all culture conditions (Figure 2.23).
These results corroborate that culture conditions do not have any effect on cell
proliferation and that the two first days of culture play a crucial role in cell viability.

Figure 2.22: Viability of hFDPc within DPS with Live/Dead® assay for static conditions for different
culture times: A) Day 0 (33% viability); B) Day 1 (16% viability); C) Day 3 (15% viability); and D)
Day 5 (14% viability). Three samples were analyzed to extract cell viability. Live and dead cells
in green and red respectively. Scale bar: 150 µm.

Figure 2.23: Proliferation of hFDPc within DPS as estimated by ATP content (nM) at different
culture times for different cell number (A) and under static/dynamic culture conditions (B). Five
spheroids from each condition were used to measure ATP concentration. Statistical significance:
p-value < 0.05 *, p-value < 0.01 ** and p-value < 0.001 ***.
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Figure 2.24: BrdU-incorporation proliferation assay of hFDPc in A) 2D culture at day 0 (12%
proliferation); B) spheroid at day 0 (5% proliferation) and C) spheroid at day 7 (1,25% proliferation)
with BrdU. In blue, cell nuclei stained with DAPI, in pink, BrdU-positive cells. Three samples were
analyzed to extract cell proliferation. Scale bar: 150 µm.

2.3.5. CHARACTERIZATION OF DERMAL PAPILLA CELL INDUCTIVE
CAPACITY
Expression of ALP, Versican and SMA proteins in hFDPc was analyzed through
immunofluorescence to prove the reprogramming capacity of hFDPc cells when cultured
in spheroids as compared to conventional 2D culture.

Figure 2.25: Immunofluorescence of commercial-hFDPc at passage in 2D culture at day 0
showing no expression for ALP (A); Versican (B) and SMA (C). D0 correspond to 48 hours after
seeding, as cells for the 2D culture were seeded the same day of spheroid formation.

When commercial-hFDPc were cultured in conventional 2D cultures, there was no
expression of all the previously mentioned cell proteins (Figure 2.25 A-C). Nonetheless,
when arranged as 3D cellular spheroid, ALP, Versican and SMA expression became
positive (Figure 2.27). Despite of the dim fluorescence expression of the markers,
positive expression of the markers was confirmed when compared to the negative control
(Figure 2.26). This reprogramming capacity was proven up to six cell population
doublings (Figure 2.27), which demonstrate that DPS were a suitable culture system that
ensure stemness recovery of hFDPc after cell expansion.
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In DPS of patient-hFDPc, cells from both patients showed positive expression for the
three proteins, although for SMA, protein expression was lower for patient 1 than for
patient 2 (Figure 2.28 C, F) in all the analyzed samples.

Figure 2.26: A negative control for immunofluorescence of commercial-hFDPc at cell passage 2
within DPS at day 0 was obtained by incubating the spheroid only with the secondary antibody.
A negative control was obtained for each marker: D) ALP, E) Versican and F) SMA. In blue, cell
nuclei stained with DAPI. Scale bar: 150 µm.

Figure 2.27: Immunofluorescence of commercial-hFDPc within DPS at day 0. Cells were at
passage 2 (A-C) and 6 (D-F) when used for spheroid formation. In red, ALP (A and D); Versican
(B and E) and SMA (C and F); in blue, cell nuclei stained with DAPI. Scale bar: 150 µm.
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Figure 2.28: Immunofluorescence of patient-hFDPc within DPS at day 0. The cells where at cell
passage 2 when used for spheroid formation both for patient 1 (A-C) and patient 2 (D-F). In red,
ALP (A and D); Versican (B and E) and SMA (C and F); in blue, cell nuclei stained with DAPI.
Scale bar: 150 µm.

2.4. DISCUSSION
Along this chapter, DPS have been studied in detail to propose an alternative culture
system for hFDPc to overcome the limitations of conventional 2D. With that purpose, a
series of experiments were performed to optimize their formation methodology,
morphology, viability, and stemness recovery.
All the analyses were performed using commercial-hFDPc, but in addition to that, two
different hFDP cell lines have been established using hair follicles biopsies. Extraction
of cells from the DP structure is an extremely precise and time-consuming procedure
that requires expert trained personnel in order to preserve cell

viability during

manipulation [22]. Although some protocols describe DP isolation through enzymatic
digestion, this procedure is not straightforward for human DP isolation [30]. Contrary to
murine DP that can be easily isolated with trypsin and collagenase, the unique
composition of the extracellular matrix surrounding human dermal papilla does not allow
for the direct digestion with collagenase [31], [32]. When collagenase 4 was used for DP
digestion, it did not perfectly isolate the DP structure, it just disrupts the adherence to the
hair follicle, leaving other cell types in the DP envelope. In this project, microdissection
of human follicular units was used to isolate intact DP structures and obtain primary
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hFDPc cultures [22].Cultures with DP explants revealed that for stagnation times longer
than 5 hours, cell viability decreases, as cells did not escape from the structure (Figure
2.13 E-F). This observation revealed that in addition to the laborious and complex

dissection protocol, both transport and manipulation times are a limiting factor when
working follicular units, not allowing for scalability of the extraction procedure. The
solution used to preserve the hair follicles during FUT procedures play a critical role in
maintaining hair follicle viability [33], [34]. This result suggests that the solution in which
the follicular units are transported from the clinic to the laboratory may play a crucial role
in DP viability. On this basis, the effect of different transport solutions on cell viability
needs to be analyzed in order to optimize both extraction and manipulation protocols.
Regarding cell exit from DP and culture expansion, the behavior of the two cell lines
established in this work from micro-dissected DP was similar to that reported on the
literature. Of particular interest was the cell aggregation shown in cell cultures of patient
two at day 29. Thus, it was described in literature, has been described how DP cells from
rodent, when cultured in 2D, were able to auto aggregate and secrete their own
extracellular matrix to form a structure similar to native DP [35]. This behavior was not
observed for hFDPc, which was interpreted as the loss of inductive capacity for DP cells
from human origin in 2D cultures. This was one of the main motivations to generate
spheroids culture to cell reprogramming [36]. Cellular aggregations shown in primary cell
culture of hFDPc from patient 2 suggest that the loss of inductive capacity was not only
related to cell species origin, but also age, sex or other hormonal factors that need to be
explored. Despite this behavior was observed in two of the eight culture plates from
patient 2, this calls the attention towards the need to deeply analyze this effect in cell
lines from different patients. When subcultured, contrary to human dermal fibroblasts,
hFDPc show flat morphology, low proliferative activity and early senescence [37]–[39],
which makes for a difficult cell culture expansion. To overcome this limitation,
immortalized hFDPc expressing hTERT were generated to be used in protocol
establishment. These cells show the same behavior and morphology as primary cell
cultures, being an alternative in initial stages of this research.
DP cell culture was performed based on the protocol stablished and described by Higgins
et al. applied in the reprogramming of human dermal papilla cells for in vitro generation
of hair follicles [23]. In this protocol, the initial spheroid cell number was stablished at
3000 cells. The rationale in the selection of this cell number was not specified by the
authors in the literature, although the size of the generated DPS was similar to that of
human DP structure. The number of cells in human DP structure directly affects structure
size. Depending on hair follicle location in the human body, cell number ranges from 200
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to 3300, which translates into a volumetric variation of 47.5-1900 (µm3 x 103) [40].
However, this variation is not only due to cell number, but also to the extracellular matrix
present in the structure [41], [42].
Spheroid culture method affects both formation efficiency and size. In the literature, low
dispersion of the spheroid size has been stated as one of the main advantages of
hanging drop method [43]. Nonetheless, for hFDPc, hanging drop showed higher
dispersion in the size as compared to low-adherence plate (Figure 2.17-A). In addition,
formation efficiency and reproducibility were 40% higher when LA-plate was used, which
favors scalability of the formation process (Figure 2.16-A). An increase in spheroid size
of 40% was observed when LA-plate was used, which shows that this methodology does
not favor cell aggregation as much as hanging drop-method does (Figure 2.17-A).
However, this can favor cell viability as cell compaction is lower, which favors nutrient
diffusion. Finally, the size of the spheroids form with different cell types was very similar
using LA-plates but showed significant differences using the HD method. A critical point
in spheroid formation described in the literature was to avoid the use of AB-AM in cell
culture media because it affects spheroid formation efficiency [23]. Nonetheless, no
significant difference in formation efficiency or spheroid size and roundness have been
found cultures with or without AB-AM (Figure 2.16-B). This finding is very relevant, as
culturing primary DP cells, which takes prolonged periods of time, becomes much more
difficult without AB-AM due to the increased possibility of cell culture contamination.
Analyzing formation efficiency and reproducibility led us to stablish the use of LA-plate
and culture medium with AB-AM as the optimal culture conditions for spheroid generation
in the subsequent studies of cell viability and stemness analysis. Additionally, when
examining different experimental parameters, generally wide distributions in spheroid
size were obtained, which can be due to the complexity of the formation process, which
is far from being understood, and could be influenced by the different cell types (Figure
2.17). Furthermore, the method is very sensitive to experimental variations in cell

counting, volumetric dispensing or cell sedimentation. This variability evidences the need
of automation in the generation process, as, for example, using 3D bioprinting
techniques.
Despite one of the main challenges of spheroid cell culture is to guarantee cell viability
in the 3D structure [13], to our knowledge there is no available information in the literature
related to hFDPc viability within the spheroid. Oxygen and nutrients present in the cell
medium penetrate in the spheroid by simple diffusion. Nonetheless, the complex and
compact structure of the spheroid due to cell contacts produce a diffusion gradient which
decreases towards the core of the structure. This gradient increases with the number of
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cells present in the spheroid [19]. Live/Dead® assay provides a qualitative, reliable, and
live analysis of the status of the cells in the spheroid [7], [44], but its penetration is limited
to the external layers of the spheroid. Another limitation of this assay is that the red dye
tags all dead cells, and not only the cells that are dying at the moment of the experiment.
This is detrimental to analyze cell death at long culture times, as is not possible to
determine when they died. Moreover, due to its circular and compact structure, light in
conventional confocal microscopy is not able to pass through the structure, and only the
outer part of the spheroid can be visualized. To overcome this problem, we analyzed
several optical clearing methods described in the literature [45]. TDE solution (2,2′thiodiethanol) is one of the most used methods [46], [47], as it is simple to use and good
for resolution microscopy thanks to its potential to adjust the refraction index of the
spheroid. However, this methodology requires the use of permanent tinctions and tissue
fixation, being both incompatible with Live/Dead ® assay. Due to these limitations,
clearing solution were not the suitable method to visualize the core of the spheroid, and
only the outer shell of the spheroid was characterized. While visualization of Live/Dead®
tinction in conventional confocal microscopy can only provide information from the
outermost part of the spheroid, in this particular case, the percentage of viable cells was
very low, being around a 25% (Figure 2.19). This fact was critical, as the central core of
the spheroid was expected to have lower viability that the outer sheath, due to the
difficulty of nutrients and oxygen to reach this region by simple diffusion, whose limit was
around 150-200 µm [13], [19]. This result highlighted the need to change spheroid culture
conditions, such as the reduction of spheroid size or the promotion of culture medium
diffusion by the introduction of dynamic culture, to improve cell viability [48].
To provide additional information of both cell viability and proliferative activity within the
spheroid, different metabolic assays were considered such as MTT (3-(4,5Dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide), AlamarBlue or CellTiter-Glo® 3D
Cell Viability Assay [49], [50]. The first two methods measure metabolic activity in terms
of mitochondrial activity [51], [52], whereas the third measures ATP content [29].
CellTiter-Glo® was a reactant specifically developed and tested for cellular spheroids,
reason why it was chosen for this analysis. The main limitation of these assays is that in
conventional 2D cultures, metabolic activity of the cells can be directly related to cell
viability, but no in 3D cultures where the activity of the cell radically changes. When
working with 3D cultures, metabolic assays only provide information of the metabolic
activity, neither the cell viability, nor the proliferation. On this basis, complementary
studies, such as BrdU for proliferation, were needed [53]–[55].
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None of the new culture conditions showed viability improvement in the spheroid, as
confirmed by the metabolic analysis of the spheroid. Reducing cell number, and
therefore spheroid size, may be a solution to overcome diffusion problems for bigger
spheroids (30.000-50.000 cells) [7], [44], [48], as the ones used for cancer studies [8].
However, in this case, reducing the number of cells seems not to be critical, as the
number of cells is already ten times lower, with a radius of 120 µm, which is below the
diffusion limit (Figure 2.21-A). When culture condition regarding dynamic vs static was
analyzed, cell viability showed lower values for dynamic cultures, although ANOVA-test
determine no significant difference within culture conditions (Figure 2.20-B). This could
be due to high experimental variability shown for ATP expressed in terms of high
standard deviation. Quantification in ATP test depends on a calibration curve that was
unique for each experiment and may introduce variability within experiments that is
expressed in high standard deviation. Nonetheless, these results were confirmed by
Live/Dead® assay (Figure 2.19), which evidenced that the system itself, and not culture
conditions, was a hindrance for cell viability.
Morphometric analysis of spheroids showed that the spheroid diameter becomes clearly
reduced at D1 (Figure 2.21-B). Then, this size decrease diminishes, and size seems to
remain constant at D3, which may be explained by further cell packaging within the
spheroid. Moreover, Live/Dead ® and ATP assays showed that simultaneously to size
reduction, cell viability dropped in the first day of culture reaching a plateau for longer
culture times (Figure 2.22 and Figure 2.23-A). In addition to that, spheroid size reduction
could indicate that cells had low or no proliferative activity as they did not grow within the
spheroid [8], [18], [50]. This result was confirmed by both Live/Dead® and ATP analysis,
which also proved that changes in culture conditions of the spheroid did not improve cell
proliferation. The presence of BrdU showed that proliferative capacity of hFDPc in
spheroids was lower compared to conventional 2D culture, and drastically dropped after
one week in culture (Figure 2.24), although it may not be detrimental, as DP cells do not
show proliferative activity within the hair follicle in vivo. Hair neogenesis experiments
typically take 6-8 weeks [56], which evidence the importance of improving cell viability
within the first days in culture to ensure system viability for the whole experiment.
Expression of ALP, Versican and SMA proteins in DP cells was well known and
characterized in DP of active hair follicles in humans and is considered a marked of the
inductive capacity of these cells[57]–[59]. The expression of these markers is rapidly lost
when the cells are kept in 2D culture (Figure 2.25). This agrees with data existing in the
literature [58]. However, upon spheroid formation the three proteins were re-expressed
when cultured as spheroids, independently of cell origin (commercial or from patient) or

62

passage (up to passage 6) (Figure 2.27 and Figure 2.28). which confirms stemness
recovery up to cell passage six. Similar to viability studies, as a consequence of spheroid
geometry and available microscopy techniques, protein expression was studied only in
the external part of the spheroid. Conversely to Live/Dead tinction, immunofluorescence
techniques is a permanent labelling technique that requires tissue fixation, making
possible the use of TDE optical clearing solution. Nonetheless, due to the very compact
nature of the structure, it requires highly concentrated TDE solutions (80-90%) which
interferes with protein distribution and fluorescence visualization [46].
In summary, spheroid generation and culture using hFDPc, either from commercial origin
or dissected from hair follicle biopsies, is a good culture system as it mimics human DP
structure and allow stemness recovery of the cells. LA-plate is a cheap, efficient and
reproducible methodology to generate cellular spheroids that can be easily scalable and
standardizable through 3D bioprinting techniques for high-throughput techniques [60].
Morphometric analysis of the spheroid over time revealed that as a consequence of cellto-cell interaction, the spheroid compacted and then stabilized. Simultaneously to this
reduction in size, metabolic activity (ATP), dead (Live/Dead) and replication also did,
suggesting that the spheroid reached cell culture homeostasis. Nonetheless, cell viability
in the spheroid is low and needs to be improved to optimize the cell number in the
spheroid [61], something crucial for hFDPc due to its low proliferative capacity and limited
expansion rate. Analysis of viability for different culture numbers and dynamic conditions
revealed that they no improve cell viability, which is not surprising, as the size of
spheroids with 3000 cells are below the diffusion limit. Alternative factors to cell number
and dynamic conditions need to be explored to enhance hFDPc viability in the spheroid.
Cell hypoxia culture conditions may play an important role in hFDP cell viability, as it
increases cell proliferation, delays senescence and enhances hair neogenesis when
cells are 2D-cultured [62]. Spheroid generation under hypoxia conditions could be an
alternative to improve both viability and promote the expression of ALP, Versican and
SMA proteins. In addition to that and of special interest is the DP structure extracellular
matrix composition, which is dynamic and plays an important role during the hair follicle
cycle [41], [42]. Despite DPS successfully reprogram hFDPc stem-fate, the low viability
exhibited by the cells questions whether spheroids are the suitable culture system for
hFDPc.
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CHAPTER THREE

3. DERMAL PAPILLA CELL ENCAPSULATION
IN FIBRIN MICROGELS
3.1. INTRODUCTION
Although spheroid culture for hFDPc promote stemness recovery of the cells, the
previous chapter highlighted the need to increase cell viability. The use of biomaterials
to improve hFDPc culture and promote stemness recovery and maintenance in vitro has
been widely analyzed in recent years [1], [2]. Different strategies include the use of
biomaterials as a substrate or for cell encapsulation, having all of them in common that
they are semi-permeable, biodegradable, and biocompatible materials from natural or
synthetic origin, as for example alginate [3], [4], hyaluronic acid [5], or polyethylene glycol
[5]–[7].
The composition of DP structure has been well characterized in the literature, showing
that it contains not only cells, but also extracellular matrix [8]–[10]. The main components
of the extracellular matrix are interstitial collagens (Col I and III) [8], [11], [12], basement
membrane components such as Collagen IV (Col IV) [8], fibronectin and laminin and a
variety of proteoglycans such as versican, chondroitin sulfates or perlecan [9], [10].
Additionally, volumetric changes of the structure at different stages of the hair cycle
reflects that the composition of the extracellular matrix is dynamic and specific for each
stage [13], which highlights its active role of hFDPc. Given DP structure and composition,
the inclusion of a biomaterial in the 3D culture of hFDPc may be crucial to support stem
cell behavior without compromising cell viability [14]. Extracellular matrix composition
suggested collagen as the correct choice to enrich hFDPc culture [15], while the use of
human blood plasma as a source of human fibrin for autologous skin replacement has
shown the ability of embedded fibroblasts to produce natural collagen [16]. Matrix
remodeling accomplished by dermal fibroblast, similarly as in wound healing, points out
the potential of plasma-derived matrices in tissue engineering [17]. In addition to this, the
unique composition of plasma [18], including plasma proteins, platelets, enzymes, and
growth factors, can promote cell proliferation and differentiation [19]. Platelets are of
special interest, as they contain factors such as vascular endothelial growth factor
(VEGF), Int/Wingless family (Wnt), fibroblast growth factor (FGF) and platelet-derived
growth factor (PDGF) known to be involved in the hair follicle signaling pathway [20],
[21]. Platelet rich plasma (PRP), contrary to Platelet Poor Plasma (PPP), contains at
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least 2-10 x 105 platelets/µL [22], and has been widely used in the treatment of hair loss
and in hFDPc culture [23]–[26].
Due to all the aforementioned factors, we considered the use of human blood plasma to
produce fibrin microgels. To imitate their natural environment, hFDPc were encapsulated
in plasma-derived microgels, named fibrin microgels (onwards referred to as FM), as an
alternative culture system for DPS. Based on our experience working with plasmaderived matrices for skin tissue engineering [27]–[29], spherical microgels at a final fibrin
concentration of 2.4mg/mL were fabricated using both PPP and PRP to study the role of
platelets in matrix remodeling and stemness recovery by the cells. Results presented in
Chapter 1 showed that both commercial and patient hFDPc up to cell passage 6 can
recover their stem-state. For this reason, neither cell passage nor cell origin
(commercial/patient) were considered as a matter of study in this chapter, being all the
experiments carried out with commercial hFDPc. In this this chapter the methodology to
generate FM is described in detail. A series of experiments were performed to analyze
microgel stability and cell viability within the microgel. Additionally, the capacity of the
FM to support cell stem fate recovery and matrix remodeling mediated by the cells is
analyzed to prove its ability to recapitulate the characteristics of DP structure.

3.2. MATERIALS AND METHODS
3.2.1. MATERIALS
For FM preparation, frozen blood plasma either with low or high platelet concentration
was supplied by Banco de Sangre del Centro Comunitario de Transfusion del Principado
de Asturias (CCST) blood bank and treated according to the standard of the American
Association of Blood Banks [30]. Additionally, calcium chloride (CaCl2 1% (w/v)) was
prepared in sodium chloride (NaCl 0.9% (w/v)) (Merck, USA), tranexamic acid
antifibrinolytic agent Amchafibrin (500mg, Meda Pharma SL, Spain) and BIOFLOATTM
96-well plate (faCellitate, Germany) were used. For cell culture, hFDPc were purchased
to PromoCell (PromoCell, Germany), Dulbecco’s Modified Eagle’s Medium (DMEM) +
GlutaMAXTM

supplemented

with

10%

fetal

bovine

serum

(FBS)

and

1%

Antibiotic/Antimycotic (AB-AM) (Thermo Fisher Scientific) was used as culture medium.
For cell morphology analysis the cell tracker CellTracker TM Orange CMRA Dye (C34551,
Thermo Fisher Scientific, USA) and DMSO (C6164, Merck, USA) were used. Viability
and proliferation were studied using Live/Dead® Viability assay (Thermo Fisher Scientific,
USA), CellTiter-Glo® 3D Cell Viability Assay (Promega, USA) and the thymidine analog
BrdU (5-bromo-2’-deoxyuridine) (Thermo Fisher Scientific, USA). Immunofluorescence
characterization

was

performed

using

the

following

antibodies:

anti-Alkaline

Phosphatase (anti-ALP) (ab65834, Abcam, UK), anti-Versican (PA1-1748A, Thermo
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Fisher Scientific, USA), anti--Smooth Muscle Actin (anti-SMA) (DB147-0.1, DB
Biotech, Slovakia), anti-Collagen IV (anti-ColIV) (14-9871-82, eBiosciencesTM, USA),
anti-BrdU (MA3-071, Thermo Fisher Scientific, USA), anti-Rabbit secondary antibody
Alexa-555 (A27039, Thermo Fisher Scientific, USA), anti-Mouse secondary antibody
Alexa-488 (A32723, Thermo Fisher Scientific, USA) and DAPI (Thermo Fisher Scientific,
USA) for nuclei staining. Samples were introduced in Ibidi® µm-slide 18 well glass bottom
(Ibidi, Germany) filled with Phosphate Buffered Saline 1X (PBS) (Thermo Fisher
Scientific, USA) for spheroid immunofluorescence image acquisition in confocal
microscopy.

3.2.2. CELL CULTURE
For cell encapsulation, hFDPc of commercial origin were used. As explained in section
2.2.3, hFDPc were tested for cell morphology, cell viability and for positive alkaline
phosphatase expression by the manufacturer up to ten population doublings.
Additionally, for every new cell stock, positive expression of stemness markers for ALP,
Versican and -SMA were tested before use as described in section 2.2.8. Once in
culture, cell passage and population doublings are always tracked to work only with cells
that are below ten population doublings. Cells are stored in liquid nitrogen at -195.8oC,
thawed and seeded in F75 flask using Dulbecco’s Modified Eagle’s Medium (DMEM) +
GlutaMAXTM

supplemented

with

10%

fetal

bovine

serum

(FBS)

and

1%

Antibiotic/Antimycotic (AB-AM) at 37ºC and 5% CO2. Culture medium is changed each
2-3 days until 80% confluency is reached), point at which they are subcultured for FM
preparation (see section 3.2.3).

3.2.3. PREPARATION OF PLASMA DERIVER MICROGELS
For the generation of FM, human blood plasma was used as source of natural human
fibrinogen. Human plasma of known fibrin concentration, donated by CCST blood bank,
is stored at -80oC, and then thawed in a prewarmed bath at 37 oC prior to use. Plasmaderived matrices were prepared based on the protocol described by Meana et. al [31]
and later modified by Montero et.al [29]. Briefly, the volume of plasma to be used for the
matrix to have a final fibrin concentration of 2.4mg/mL was calculated. Additionally, to
avoid fibrin-clot degradation the solution was supplemented with the fibrinolytic agent,
Amchafibrin, to a final concentration of 0.016% (w/v). To activate the coagulation
cascade, filtered CaCl2 1% was added in a final concentration of 0.16 % (w/v). Finally,
culture medium (DMEM/10%FBS/1% AB-AM) was added to adjust the desire final
volume.
For cell encapsulation, when hFDPc were at 80% confluency, culture plate was washed
twice with PBS 1X and incubated with 1mL trypsin for 5 minutes at 37ºC and 5% CO2 for

70

cell detachment. Trypsin was neutralized using 1mL DMEM/10%FBS/1% AB-AM, from
which 10µL cell suspension was used for cell counting in a Neubauer chamber, and the
rest was centrifuged at 700 x g for 5 minutes. Supernatant was removed and cells were
ready to proceed with microgel encapsulation.

Figure 3.1: Generation of FM in p35 culture plates (A) and cultured in LA-plates (B)

Once the volumes for all the components were known, FM were prepared as follows:
first, cell pellet was resuspended and homogenized at the desired cell density using
blood plasma (PPP/PRP) (see below). Secondly, the amount of plasma needed,
previously calculated, was transferred to a 1.5mL Eppendorf tube. Then, Amchafibrin
and culture medium were added to the cell-plasma suspension and homogenized.
Finally, and just before drop generation, CaCl 2 1% required volume was added to the
working solution.
For drop generation, 2µL drops of working solution were deposited with a micropipette
onto the lid of a 35-mm culture plate (Figure 3.1-A). When finished, the culture plate was
filled with PBS 1X and covered with the lid containing the drops to avoid evaporation.
Due to high cell concentration, plasma coagulation reaction rapidly occurred, reason why
only 25 drops were generated at a time. To induce plasma coagulation culture plates
were incubated for 15 minutes at 37ºC and 5% CO 2. At this point, using a
stereomicroscope and with the help of pipet tips, FM were detached from the lid of the
culture plate and transferred to a LA-plate for spheroid culture with 100 µL of
DMEM/10%FBS/1% AB-AM culture medium (Figure 3.1-B) and cultured for 48 hours at
37ºC and 5% CO2 prior to use. FM were cultured in LA-plate instead of a usual p96-well
plate because its U-shaped low-adhesive well avoided microgel adhesion to the border
of the bottom plate and facilitated its manipulation.

CULTURE CONDITIONS

Different culture conditions are explored for FM generation regarding plasma
composition, cell number and culture time.

71

Platelet Poor-/ Rich- Plasma
To inspect how the presence of blood platelets affected FM cell culture in terms of
morphology, viability and stemness recovery, PPP and PRP were used as a source of
natural human fibrinogen. Dr. Mª Carmen Muñoz provided us with PRP obtained through
close-bag system centrifugation at CCST blood bank [32], [33]. Fibrin concentration of
both plasma types was provided by the collaborators, as well as platelet concentration
for PRP. All the experiments of this chapter were performed using the same plasma
batch. Initial fibrin concentration was of 2.98 mg/mL and 3.48 mg/mL for PPP and PRP
respectively, while platelet concentration for PRP was of 8.58 𝑥 103 platelets/µL.
Cell number
To analyze which is the optimal cell number in a FM cell culture in terms of morphology,
viability and stemness recovery, beads of 750, 1500, 3000 and 6000 encapsulated cells
were compared. For FM generation, working solution was prepared at a cell density of
375, 750, 1500 or 3000 cells/µL respectively.
Culture time
Once FM were generated, they need to be 48 hours in culture for cell accommodation
and matrix remodeling, which was set as time point D 0. The day of generation and after
24 hours in culture were defined as D -1 and D-2 respectively. According to the different
experimental needs, FM were maintained in culture after for longer culture times, being
D1 = 24 hours after formation, D3 = 72 hours after formation and so on. Culture medium
was exchanged every 2-3 days with the help of and stereoscope.

3.2.4. MICROGEL MORPHOLOGY AND CONTRACTION ANALYSIS
Morphology and cell-mediated contraction of FM were measured by area evolution
through time. Once they were detached from the lid and transferred to the LA-plate,
images of each FM were taken using a calibrated inverted microscope Olympus CKX41
(Olympus, Japan) with PixeLINK camera using 4x magnification. For each culture
condition, at least ten images were taken in Tagged Image File Format (.tiff) for area
analysis. The procedure was repeated for all the time points (0, 1, 2, 3, 5, 7 and 10 days).
Images were analyzed using Image J software (Wayne Rasband, NIH, Public DomainBSD licenses). For area selection and due to FM irregular area, Polygon selection tool
was used, and the selected area was measured in pixels (Figure 3.2). Pixel to area
conversion was used to extract the area (µm 2) of the FM. Microgel contraction was
analyzed in terms of the swelling ratio (𝑆𝑅𝐴 ), which is defined as 𝑆𝑅𝐴 = 𝐴𝑡 ⁄𝐴0 , where 𝐴0
and 𝐴𝑡 were the initial area and the area at each time point respectively.
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Figure 3.2: Area selection and quantification of the microgel using ImageJ software for
morphology and contraction analysis.

3.2.5. CELL MORPHOLOGY AND DISTRIBUTION INSIDE THE MICROGEL
Cell distribution and morphology within the FM was inspected through confocal imaging.
CellTrackerTM Orange Dye (ex/em ~548 nm/~5576 nm) is a low-toxic transient
fluorescent dye for in vivo tracking of cell morphology and motility that is retained by the
cells up to six population doublings. For stock solution preparation, CellTracker TM Orange
Dye vial was warmed at room temperature and the lyophilized product was dissolved in
DMSO to a 10 mM final concentration. Then, stock solution was diluted to a final
concentration of 5 µM in DMEM/1% AB-AM culture medium and pre-warmed at 37ºC.
For cell culture, hFDPc were seeded on a T25 flask using DMEM/10%FBS/1% AB-AM
and cultured until a 70% confluency was reached. Then, culture medium was removed
and 10mL of pre-warmed working solution was added to the flask and incubated for 30
minutes at 37ºC and 5% CO2. Finally, working solution was removed and cells were
replaced with fresh DMEM/10%FBS/1% AB-AM culture medium. Positive fluorescence
expression was checked at the fluorescence microscope, after which cells were
detached for FM preparation, following the protocols described in section 3.2.3.
After 48 hours in culture (D0), for confocal imaging at Hospital Universitario Gregorio
Marañón, FM were transferred to an Ibidi® µm-slide 18 well glass bottom filled with
culture medium. A z-stack of ten images was taken for each FM and represented as the
maximum projection onto a plane.

3.2.6. CELL VIABILITY AND PROLIFERATION ANALYSIS IN MICROGELS
Cell viability and proliferation of hFDPc in FM was analyzed through Live/Dead®, ATP
assay and BrdU incorporation, following the protocols described in detail in section 2.2.7.
Cell viability at a given timepoint was studied with Live/Dead® assay and the
measurement of free ATP concentration in FM for qualitative and quantitative analysis
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respectively. Additionally, cell proliferation was characterized by the incorporation of
thymidine analog BrdU (5-bromo-2’-deoxyuridine) into newly synthesized DNA, and the
measurement of free ATP concentration in the FM at different time points.
FM were made following the procedures described in section 3.2.3, using different
culture conditions described in Table 3.1. To compare FM and DPS cell viability and
proliferation, for metabolic experiments (ATP-assay), DPS were generated in a LA-plate
following the protocols described in section 2.2.3. To avoid variability, hFDPc from the
same culture were used to generate both culture systems at the same time. Additionally,
2D cells were plated onto a 25-mm crystal in a 24-well culture plates for Live/Dead ®
assay and BrdU incorporation. Cells were cultured with the same culture conditions as
DPS, and FM. Sample manipulation was carried out using a stereomicroscope.
Table 3.1: Summary of FM culture conditions used in viability and proliferation analysis. D 0 is
stablished 48 hours after FM generation.

Viability

Proliferation

Test

Plasma

Cell number

Culture time

Live/Dead®

PPP

6000, 3000,1500,750

D0

ATP

PPP/PRP

6000, 3000,1500,750

D0

BrdU

PPP/PRP

3000

D0, D1, D3, D5

ATP

PPP

6000, 3000,1500,750

D0, D1, D3, D5

LIVE/DEAD ASSAY

Cell viability within FM is qualitatively characterized using the Live/Dead ® kit for
viability/cytotoxicity analysis in mammalian cells. After spheroids and FM formation,
Live/Dead® working solution was prepared in PBS 1X at a final concentration of 2µM for
both Calcein-AM and EthD-1. Spheroids and FM were then incubated with the working
solution for 45 minutes at room temperature followed by two PBS 1X washes of 15
minutes. Then, for confocal imaging at Hospital Universitario Gregorio Marañón, three
samples of each culture condition were transferred to an Ibidi ® µm-slide 18 well glass
bottom filled with PBS 1X. A z-stack of ten images was taken for each sample and
represented as the maximum projection onto a plane. Three samples of each culture
condition were analyzed for statistical significance.

ATP ASSAY

Cell viability and proliferation of hFDPc withing the FM was characterized by ATP
quantification using CellTiter-Glo® 3D Cell Viability Assay. After DPS and FM formation
they were transferred to a p96-well plate of opaque walls. Then, culture medium was
replaced by 100µL of fresh culture medium after which sample were stabilized for 30
minutes at room temperature. Subsequently, after the addition of 100µL CellTiter-Glo®
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3D Reagent to each well, the culture plate was shaken for 5 minutes on an orbital shaker
(20 x g) at room temperature in dark. After 25 minutes extra incubation, luminescence
signal was read in a Synergy TM HTX Multi-Mode Microplate Reader (500ms/well). Five
samples of each culture condition were analyzed for statistical significance.
For every experiment, a standard curve was generated using a 10µM ATP stock solution
in cell culture medium. In the well plate used for spheroid luminescence record, 100µL
of ATP solution at different concentrations (10µM to 1µM) were used to create the
standard curve. Luminescence was measured as the same time and manner for both
the standard curve and spheroids and was then related to ATP concentration. For every
condition, ATP concentration was divided by the total number of cells in order to
normalize ATP amount in terms of cell number.

BRDU INCORPORATION

BrdU incorporates as a thymidine analog into nuclear DNA of replicating cells which are
in the S-phase of cell cycle and can be tracked using antibody probes. After formation,
FM culture medium was replaced by culture medium with BrdU-reagent at a final
concentration of 3 µg/mL and incubated at 37ºC for 2 hours. Then, they were washed
with PBS 1X and fixed for 10 minutes with paraformaldehyde 4% at room temperature.
After washing, FM were treated with HCl 1M for 1 hour at room temperature for DNA
denaturation, followed by 5 washes with PBS-TritonX0.1%. Next, nonspecific epitopes
were blocked by incubating samples for 1 hour in BSA-PBS 3%. For BrDu detection, FM
were incubated overnight at 4ºC with anti-BrdU primary antibody in PBS-BSA 3%
(1:100). Samples were washed 5 times in PBS-TritonX0.1%, and then incubated with
the secondary antibody (anti-Rabbit Alexa 555, 1:1000) in PBS-BSA 3% for 45 minutes
at room temperature. After a PBS 1X wash of 15 minutes, FM were incubated with DAPI
(1:1000 in PBS 1X) for 5 minutes at room temperature followed by a final wash of 15
minutes in PBS 1X. Then, for confocal imaging at Hospital Universitario Gregorio
Marañón, three samples of each culture condition were transferred to an Ibidi ® µm-slide
18 well glass bottom filled with PBS 1X. A z-stack of ten images was taken for each
sample and represented as the maximum projection onto a plane. Three samples of
each culture condition were analyzed for statistical significance.

IMAGE QUANTIFICATION

Image post-processing for fluorescence quantification in Live/Dead ® and BrdU
experiments was carried out using Image J software. As Live/Dead ® and BrDU are semiquantitative

methods, microscope

images were

segmented

for

fluorescence

quantification to extract cell viability and proliferation values, as described in section
2.2.7.
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STATISTICAL ANALYSIS

To test the significance of the culture conditions in cell viability, one-way ANOVA test
was used with a significance level of 0.05. Additionally, multiple relations were studied
using Tukey’s test.

3.2.7. CHARACTERIZATION OF DERMAL PAPILLA CELL INDUCTIVE
CAPACITY AND EXTRACELLULAR MATRIX FORMATION
The restoration of dermal papilla cells inductive capacity was analyzed through wholemount immunofluorescence staining of ALP, Versican and SMA proteins, as described
in detail in section 2.2.8. In addition to that, the presence of Collagen IV (Col IV) and
Versican was used to characterize matrix remodeling and extracellular matrix formation.
FM containing 3000 cells were generated following the protocol described in section
3.2.3. Stemness and matrix remodeling were characterized at D0 and D15 respectively.
Sample manipulation was carried out using a stereomicroscope. Furthermore,
stemness-marker expression was analyzed in 2D culture of hFDPc. For each
experiment, 3000 cells were plated onto a 25-mm crystal in a 24-well culture plate and
cultured for 48 hours at 37ºC and 5% CO2.
For stemness characterization, after FM formation, samples were washed with PBS 1X
and fixed with paraformaldehyde 4% for 15 minutes at room temperature, followed by a
PBS 1X wash of 15 minutes. In Versican and SMA detection, samples were incubated
with PBS-TritonX 0.1% for 10 minutes at room temperature for cell membrane
permeabilization. Then, non-specific epitopes were blocked for 30 minutes with PBSBSA 3% at room temperature. After that, FM were incubated overnight at 4ºC with the
anti-ALP (1:50), anti-Versican (1:200) and anti-SMA (1:100) primary antibodies that
were previously diluted in PBS-BSA 3%. After a 15 minutes PBS 1X was, secondary
antibody (anti-Rabbit Alexa 555, 1:1000) was diluted in PBS-BSA 3% is incubated for 1h
at room temperature, followed by PBS 1X wash of 15 minutes. Samples were incubated
with DAPI solution (1:1000 in PBS 1X) for 10 minutes and washed in PBS 1X for 5
minutes. Finally, for confocal imaging at Hospital Universitario Gregorio Marañón, three
samples of each culture condition were transferred to an Ibidi® µm-slide 18 well glass
bottom filled with PBS 1X. A z-stack of ten images was taken for each sample and
represented as the maximum projection onto a plane. Simultaneously, the same protocol
as for FM was followed for 2D-cultures but using shorter incubation times: cell fixation
and permeabilization incubations are of 5 and 2 minutes respectively, while primary
antibody and DAPI incubation lasted 1 hour and 2 minutes respectively. Finally, crystals
were transferred and fixed to a microscope slide with DPX for fluorescence imaging.
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For matrix remodeling characterization, FM immunofluorescence was carried out at D 15
using the same protocol described for stemness characterization. Samples were
permeabilized with PBS-TritonX 0.1% for 10 minutes at room temperature for primary
antibody co-localization of Versican (1:200) and Col IV (1:100). Then, secondary
antibody (anti-Rabbit Alexa 555, 1:1000) and (anti-Mouse Alexa 488, 1:1000) were
incubated together for 1h at room temperature.

3.3. RESULTS
3.3.1. MICROGEL MORPHOLOGY AND CONTRACTION
Morphology of FM was first analyzed by visual inspection of the microgels. Microscope
images revealed a drastic change in size in the first 48 hours of culture (Figure 3.3).
Although size change was more pronounced for the first 24 hours, it was still noticeable
after 48 hours in culture. Linked to size changes, microgels morphology showed a clear
evolution in the first two days of culture. After gelation, FM were transferred to a LA-plate
and maintained in a floating-culture (no adhered to the plate), showing an irregular shape
in which cells were visualized as dots (Figure 3.3-A). However, after 24 hours in culture
the FM showed a spherical and more compact shape (Figure 3.3-B) that compacted
further at 48 hours in culture (Figure 3.3-C), being similar to that of a human DP structure.

Figure 3.3: Images of FM containing 3000 cells at A) 0 hours (D-2); B) 24 hours (D-1); C) 48 hours
(D0). Scale bar: 600µm.

Area evolution at different culture time was tracked to analyze FM contraction and
represented as 𝑆𝑅𝐴 . Microgels of 750, 1500 and 3000 cells showed a similar behavior
characterized by a drastic reduction in area (70%) for the first 24 hours that continued
up to 5 days in culture (85% reduction) when they stabilized ( Figure 3.4 and Figure 3.5).
Surprisingly, FM of 6000 cells also displayed a continuous area. Reduction with culture
time but this reduction was linear and less pronounced than that of smaller ( Figure 3.4).
Moreover, FM containing 6000 cells showed a larger SR A dispersion than that of lower
cell density. The effect that platelet content had in microgel contraction was studied in
FM of 3000 cells generated with PPP and PRP (Figure 3.5). Similarly, FM area was
reduced approximately by 85% and stabilized for longer culture times, showing no
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differences between PPP and PRP ( Figure 3.5). The behavior of the two types of FM was
very similar and superimposable to the one shown by FM with 3000 cells (Figure 3.4).
After 48 hours in culture, FM had a stable and circular shape in 2D indicating that they
form a sphere in 3D. Diameter for FM containing 3000, 1500 and 750 was very similar,
ranging from 600-570µm, exhibiting a narrow distribution (Figure 3.6). In the case of FM
containing 6000 cells, the measured diameter values showed a wide distribution with a
50% increase in size and a mean value of 1200 µm.

Figure 3.4: Cell-mediated microgel contraction for FM of 750, 1500, 3000 and 6000 cells for ten
days in culture. In the x-axis: generation day, (D-2); 1 day in culture (D-1); 2 days in culture (D0); 5
days in culture (D3); 7 days in culture (D5) and 10 days in culture (D 7). Ten samples were analyzed
to extract SRA.
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Figure 3.5: Cell-mediated microgel contraction for FM of 3000 cells using PPP and PRP for ten
days in culture. In the x-axis: generation day, (D-2); 1 day in culture (D-1); 2 days in culture (D0); 5
days in culture (D3); 7 days in culture (D5) and 10 days in culture (D 7). Ten samples were analyzed
to extract SRA.

Figure 3.6: Boxplot representation of FM diameter at D0 for different cell number. Ten samples
were analyzed to extract FM diameter.
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3.3.2. CELL MORPHOLOGY AND DISTRIBUTION
Cell morphology within the FM was analyzed at D 0 by confocal microscopy. After two
days in culture, hFDPc showed an elongated shape with branches characteristic of
fibroblast-like cells, in particular when they cleave to the extracellular matrix (Figure 3.7).
For FM with 750 cells, most of the cells exhibited this morphology (Figure 3.7-A),
however, as number increased some cells displayed a spherical morphology with very
short branches, being this morphology predominant for FM with 6000 cells (Figure 3.7D).

Figure 3.7: Cell morphology using CellTrackerTM Orange Dye (red fluorescence) of cells inside
the FM of different cell numbers after 48 hours in culture.: A) 750 cells; B) 1500 cells; C) 3000
cells and D) 6000 cells. Scale bar 50 µm.
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3.3.3. CELL VIABILITY AND PROLIFERATION ANALYSIS IN MICROGELS
CELL VIABILITY

Cell viability within FM was analyzed using Live/Dead ® and ATP assays. For containing
different cell number, ATP-assay revealed no statistically significant differences in
metabolic activity among FM of different cell number (Figure 3.8-A). However, when
analyzed using Live/Dead® tinction, viability values ranged from 85% to 40%, between
the lowest and the highest cell concentration (Figure 3.9). Whereas cell viability for FM
with 1500, 3000 and 6000 cells were around 45% (Figure 3.9 B-C), this value drastically
increased up to an 85% for FM with 750 cells (Figure 3.9-A).
Similarly, comparison of cell viability in terms of ATP activity for FM and DPS (Figure 3.8A). FM cultures showed a higher metabolic activity with respect to DPS of the same cell
number, increasing this difference as the cell number did. Finally, no significant change
in the metabolic activity of hFDPc was observed among FM made using PPP or PRP
(Figure 3.8-B).

Figure 3.8: Viability in terms of ATP at D0 of hFDPc for: A) FM vs. DPS of different cell number;
B) different types of blood plasma in terms of ATP content (nM) for different cell number. D 0 is
stablished 48h after FM generation. Five samples were analyzed to extract ATP content.
Statistical significance: p-value < 0.05 *, p-value < 0.01 ** and p-value < 0.001 ***.
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Figure 3.9: Viability of hFDPc in FM using Live/Dead® assay at D0 with A) 750 cells (85% viability);
B) 1500 cells (50% viability); C) 3000 cells (44.5% viability) and D) 6000 (40.2% viability) cells.
D0 was stablished 48h after FM generation. Live and dead cells are represented in green and red
respectively. Three samples were analyzed to extract cell viability. Scale bar: 200 µm.

CELL PROLIFERATION

Measurement at different timepoints of cell metabolic activity with the ATP and BrdU
incorporation assays were used to characterize cell proliferative activity within the
microgel. For FM of different cell number, despite ANOVA test did not show any
significant differences, data suggest a general decrease in the metabolic activity as the
number of cells increase. Moreover, for all cell numbers metabolic activity decreases as
culture time increase. However, ANOVA tests revealed significant differences in the case
of FM containing 6000 cells (Figure 3.10-A). Regarding culture system, while ANOVA
test did not show significant differences in the ATP concentration when DPS and FM
were compared, there is a generalize decrease in the metabolic activity for cells within
the spheroid (Figure 3.10-B). Besides, BrdU incorporation revealed that cell proliferative
activity was not affected by the presence of platelets, displaying a 17% viability for FM
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generated either with PPP or PRR (Figure 3.11 B-C). This value was slightly higher than
for 2D cultures, with a 12% proliferative activity (Figure 3.11-A).

Figure 3.10: Proliferation of hFDPc in terms of ATP content (nM) for: A) FM with different cell
number and B) FM or DPS with 3000 cells. In the x-axis: 48h after FM generation (D0); 1 day in
culture (D1); 3 days in culture (D 3) and 5 days in culture (D5). Five samples were analyzed to
extract ATP content Statistical significance: p-value < 0.05 *, p-value < 0.01 ** and p-value <
0.001 ***.

Figure 3.11: Proliferation, measured as BrdU incorpation, of hFDPc containing 3000 cells at D 0:
A) 2D culture (12% proliferation); B) PPP-FM (16.7% proliferation) and C) PRP-FM (16.7%
proliferation) with BrdU. D0 was stablished 48h after FM generation. In blue, cell nuclei stained
with DAPI, in pink, BrdU-positive cells. Three samples were analyzed to extract cell proliferation.
Scale bar: 150 µm.
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3.3.4. CHARACTERIZATION OF DERMAL PAPILLA CELL INDUCTIVE
CAPACITY AND EXTRACELLULAR MATRIX FORMATION
CHARACTERIZATION OF CELL INDUCTIVE CAPACITY

Figure 3.12: In red, immunofluorescence of hFDPc inside PPP-FM containing 3000 cells at D0 for
A) ALP; B) Versican and C) SMA. In blue, cell nuclei stained with DAPI. D0 was stablished 48h
after FM generation. White arrows point cell protein expression in a magnified view. Scale bar:
100 µm.
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Figure 3.13: In red, immunofluorescence of hFDPc inside PRP-FM containing 3000 cells at D 0 for
A) ALP; B) Versican and C) SMA. In blue, cell nuclei stained with DAPI. D0 was stablished 48h
after FM generation. White arrows point cell protein expression in a magnified view. Scale bar:
100 µm.
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Expression of ALP, Versican and SMA proteins was characterized through
immunofluorescence to study the stemness recovery of hFDPc when encapsulated in
FM as compared to 2D cultures.
When cells were cultured in 2D, ALP, Versican and SMA protein expression was
negative (Figure 3.12). However, it became positive and clearly located at the cell
membrane (white arrows) when cells were cultured within FM generated with both PPP
(Figure 3.13) and PRP (Figure 3.14). For both culture conditions, protein expression was
higher for SMA than for ALP and Versican. These results demonstrated that FM is a
suitable system for hFDPc culture that ensures cells-stemness recovery.

Figure 3.14: In red, immunofluorescence of hFDPc in 2D culture at D0 for A) ALP; B) Versican
and C) SMA. In blue, cell nuclei stained with DAPI. D0 was stablished 48h after FM generation.
Scale bar: 150 µm.

CHARACTERIZATION OF CELL-MEDIATED MATRIX REMODELING

Figure 3.15: Immunofluorescence of hFDPc inside FM containing 3000 cells at day D15 for A) PPP
and B) PRP. In red, Versican, in green, Col IV. In blue, cell nuclei stained with DAPI. D 15 was
stablished 17 days after FM generation. Scale bar: 100 µm.

To characterize cell-mediated matrix remodelling positive expression of Col IV and
Versican proteins tested through immunofluorescence (Figure 3.15). Both proteins
showed positive expression regardless the type of plasma (PPP or PRP) used in their
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formation. Nonetheless, FM generated with PPP (Figure 3.15-A) exhibited brighter and
more localized expression in the cell membrane compared to that generated with PRP,
where protein expression was predominant in the microgel matrix (Figure 3.15-B).

3.4. DISCUSSION
In the previous chapter, low cell viability was identified as the weak point of DPS. To
overcome this problem, we developed an alternative culture system, named FM, for
hFDPc able to enhance cell viability meanwhile retaining benefits associated with 3Dculturing. For that reason, along this chapter, a series of experiments were designed to
develop and examine FM in terms of morphology, stability, viability, and stem fate to
improve hFDPc culture.
Biomaterial selection for FM generation was made based on cell needs and extracellular
matrix composition of DP structure in humans. hFDPc are highly specialized fibroblast
that are embedded in an extracellular matrix mainly composed of proteoglycans and
skin-basement membrane components such as Laminin or Collagen IV[8], [9], [20], [34].
Based on our experience working with plasma-derived hydrogels for skin tissue
engineering, human blood plasma as a source of natural fibrinogen was selected as an
initial extracellular matrix for FM generation [27]–[29]. During skin wound healing, a fibrin
clot forms that serves as a cell niche for cell expansion and dermal fibroblast-mediated
extracellular matrix remodeling [16], [35], [36]. In addition to that, during embryonic hair
morphogenesis, cell aggregation for dermal papilla formation occurs in a primitive dermis
with a composition similar to that of the plasma-derived hydrogels [20], [37]. These facts,
led us to select plasma-derived FM for hFDPc encapsulation to promote extracellular
matrix self-arrange, as an alternative to collagen-, alginate-, or hyaluronic acid-derived
matrices [3], [5], [38], [39]. To that, 2µL microgels were prepared at a fixed final fibrin
concentration of 2.4mg/mL to give mechanical stability and allow prolonged culture time
up to four weeks [28]. A key parameter in FM generation was to stablish the number of
encapsulated cells. For comparative proposes, the same number of cells considered for
DPS preparation were selected for FM encapsulation: 3000, 1500 and 750
cells/microgel. Nonetheless, in a similar work found in the literature dealing with the
encapsulation of hFDPc in collagen microgels [15], higher cell concentrations were
tested (5-40·103 cells/ microgel), which led us to include 6000cells/microgel in our
studies.
Additionally, taking advantage of blood plasma composition [18], the use of PRP allowed
us to characterize the possible role of platelets in hFDPc reprogramming due to the
presence in platelets of growth factors involved in hair follicle morphogenesis, such as
FDF or PDGF [23], [24], [40].

87

Figure 3.16: Size comparison in terms of diameter at D0 between DPS and FM. D0 was stablished
48h after FM generation.

When generated (D-2), FM showed an irregular and semi-spherical shape with a diameter
1.5 mm (Figure 3.3-A). For all cell 750, 1500 and 3000 cells, in the first day of culture
(D-1) their size was reduced in a 75%, reaching a maximum reduction of 85% after two
days in culture (Figure 3.4). At this point microgel contraction was stabilized and
displayed a regular-spherical shape (Figure 3.3-C). Although FM showed a shape similar
to that of a DP structure, they had diameter of 550 µm, which doubles DPS size and is
three times the size of the DP structure found in humans (180 µm) (Figure 3.16) [41]. The
plasma-self contraction accounts the loss of a 25% of its area in plasma-derived
microgels [29], [42], [43] whereas the remaining 75% of the reduction in area is mediated
by cells. Human fibroblasts attach to the extracellular matrix by means of RGD cell
adhesion motifs, explaining cell containing-FM contraction when cells were encapsulated
[43], [44]. At high cell concentrations, the cell/volume ratio reduces, and we speculate
that there are not enough RGD motifs for cell attachment of all the encapsulated cells
which may explain why FM containing 6000 cells reduced a 50% less than for those of
3000, 1500 and 750 cells. Although matrix contracted for the first 5 days in culture, at D 0
it slowed down, and was finished at D 3 and D5 (Figure 3.4), where no more remarkable
morphology changes of FM were observed. This led us to infer that cell-cell interaction
and attachment to the extracellular matrix had concluded. These observations were
somewhat confirmed when cell morphology within the FM was analyzed through
CellTrankerTM Orange Dye (Figure 3.7), being the reason why 48 hours were stablished
as the culture time required by FM prior its use in viability and stemness analysis. In FM
at low cell concentration, cells showed a star-like shape with extended arms, indicating
a good interaction with the extracellular matrix. However, as cell concentration
increased, the number or rounded cells also did, being predominant in FM with 6000
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cells. As proposed before, the presence of enough RGD motifs for cell attachment is
relevant for cell accommodation and anchorage to the matrix, being crucial to find a
balance between the volume of available matrix and cell concentration. Conversely, the
presence of platelets in high concentrations had no effect in microgel contraction. At this
point, it is important to clarify that cell-mediated fibrin contraction was only analyzed in
terms of 𝑆𝑅𝐴 , which is based on area evolution at different timepoints. Nonetheless,
calculation of the contraction index as an indicator of overall contraction behavior may
be considered to complement the analysis [45]
Cell viability was a key parameter to improve when FM were proposed as an alternative
3D-system to culture hFDPc. As for DPS, cell viability and proliferation were
characterized using quantitatively (ATP-measurement) and quantitatively (Live/Dead ®
assay and BrdU incorporation) methods. The main operational advantage of FM as
compared to DPS is that the fibrin matrix is not opaque, which allows visualization and
characterization of the structure core without tissue clearing [46]. When cell viability was
characterized in terms of metabolic activity (ATP assay), ANOVA-test revealed no
significant difference neither for FM with different cells numbers nor when DPS and FM
were compared (Figure 3.8). Nonetheless, while data dispersion does not allow to
statistically find significant differences between samples, the experimental data showed
a decreased tendency in the metabolic activity. On this basis, when different methods
were analyzed, there is lower metabolic activity in the DPS when compared to the FM,
and this difference increased as the cell number did (Figure 3.8-A). This decrease in the
metabolic activity agreed, with the results of Live/Dead ® assay, which exhibited an 80%
viability for FM containing 750 cells, being significantly higher to those of higher cell
concentration, which were around a 45% (Figure 3.9). This discrepancy between the
viability values provided by the statistical analysis of the qualitative analysis and
qualitative assays could be explained by limitations exhibited by metabolic methods to
measure cell viability, section 2.4 for DPS [47]. Comparison of Live/Dead ® FM viability
results with that of DPS (Table 3.2), reveals clear differences between both culture
systems in favor of FM. This difference is broader for the structures containing 750 cells,
with a four-fold increase in cell viability to 85% when they were cultured in FM instead of
DPS. Nonetheless, FM at these two cells concentrations displayed an increase in cell
viability of a 25% with respect to DPS which may be explained by the high-porous internal
structure of fibrin matrices that favors cell nourishment [43]. On the other hand, while
ANOVA test concluded that cell proliferation was independent on the culture system or
cell number, there is a decreased trend in the metabolic activity for longer culture times.
Moreover, this slowdown increases as the cell number did. When hFDPc were cultured
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in FM, BrdU incorporation into the cell nucleus displayed relevant, and even with respect
to conventional 2D cultures (Table 3.2). Nonetheless, no differences were found in cell
proliferation when platelets were present. While all these results demonstrate that cell
proliferation improves when cells are cultured in FM rather than DPS, hFDPc do not
show a high proliferative behavior in vivo [48].
Table 3.2: Comparison of viability and proliferation results for DPS and FM.
Culture Conditions

Viability (%)

Proliferation (%)

Live/Dead®

BrdU

Cell Number

DPS

FM

2D

3000

25

44.5

100

1500

25

50

-

750

23

85

-

3000

5

16.7

12

The Reprogramming capacity of hFDPc within the FM was characterized through
immunofluorescence for ALP, Versican and SMA protein marker expression, as
described for DPS. Thanks to the porosity and semi-transparent appearance of the fibrin
matrix it was possible to visualize protein expression in the whole structure by
immunofluorescence. Although fibrin matrices produce auto-fluorescence [49], [50],
visualization of protein expression in the cells for all the markers was possible (Figure
3.13 and Figure 3.14). This is at variance with the situation with DPS, in which case it was

only possible to analyze the outer shell of the spheroid, without being able to obtain
information from the core. In spite of this difference, the expression of the three markers
at day D0 was rather weak for commercial-hFDPc both in DPS and FM (Figure 3.13,
Figure 3.14 y Figure 2.27). Although this could be attributed to technical reasons (e.g., low
affinity of the used antibodies), the much stronger expression of Versican at day 17 in
FM (Figure 3.15) suggests that the full expression of these markers requires longer
periods of time than those used in the other immunofluorescence experiments. To the
naked eye, marker expression was not enhanced in the presence of platelets, which
needs to be confirmed by protein quantification. With that purpose, expression of the
aforementioned proteins has been characterized in the literature through PCR [7], [15],
[51]. Although it is a widely used procedure for this application, PCR quantifies in terms
of mRNA, which is not totally reliable as mRNA may not be fully translated into protein
[20]. Although Western Blot arises a good method for protein quantification, it requires a
high amount of protein due to sensitivity requirements of the technique [52], [53]. A high
amount of protein translates into a high number of cells, which poses a limiting factor
given the low proliferative behavior of hFDPc [48]. Cell matrix remodeling was
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characterized seventeen days after formation (D 15) in culture with a strong positive
expression of Col IV and Versican (Figure 3.15). As stated before, matrix remodeling in
the presence of blood platelets needs to be further studied in terms of protein
concentration and matrix composition, including additional markers such as Laminin, Col
I/III, and chondroitin sulfate [8], [10]. However, the induction of Col IV in FM is very
interesting as these marker typical of the basal lamina is also found in a granular form in
the dermal papilla extracellular matrix whereas could not be detected in human-hair
papilla cells in culture [54], [55].
From all the discussed data, as a conclusion it can be reached that FM clearly improves
cell viability and proliferation with respect to DPS, maintaining the capacity to induce the
expression of protein markers characteristic of in vivo dermal papilla, including Col IV,
associated to extracellular matrix remodeling. Microgel contraction and cell morphology
inside the FM studies, together with cell viability results based on with Live/Dead ® and
ATP generation assays suggest that high cell concentrations yield worse results due to
an imbalance of cell number and micro gel volume. On this basis, higher number of
encapsulated cells require a proportional increase of FM volume to provide with a
cell/volume ratio that guarantee cell accommodation and hence, improve cell viability.
Moreover, cell number/volume ratio in DP structure play a crucial role in vivo [41]. In
humans, depending on hair location the total cell number inside the DP varies from 1300
cells in the scalp to 3000 cells in the face. This variation is also present for the volume
of the structure, which ranges from 1.9-5 (µm3 · 106) [41]. Based on these values, FM
containing 1500 and 3000 cells seem to be the best choice to generate a system like the
human DP structure. However, according to the FM and DPS diameters of Figure 16,
the volume of FM and DPS of 3000 cells is approximately 20 times and 3 times larger,
respectively than that of in vivo DP of similar cell number, which suggest that longer
culture times may be needed probably to complete cell-cell interactions and extracellular
matrix remodeling.
Inclusion of the FM methods appears to be a better alternative to DPS for the in vitro
generation of a system like the human DP-like structure. However, a thorough analysis
and characterization of marker expression and extracellular matrix composition are
needed to choose the optimal culture conditions in terms of cell number, microgel matrix
composition and culture time required to obtain in vitro more mature DP-like structures
able to induce hair follicle neogenesis.
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CHAPTER FOUR

4. IN VITRO HAIR FOLLICLE NEOGENESIS
4.1. INTRODUCTION
Previous chapters were devoted to analyzing two different systems able to maintain the
inductive fate of hFDPc shown in vivo without compromising their viability. While this task
was successfully achieved at cellular level, their capacity to induce hair follicle
neogenesis must be proven.
Cell culture and differentiation to induce hair follicle formation requires the use of a
culture system with the characteristics of the embryonic mesenchyme present during
hair morphogenesis. Since this process involves complex signaling pathways only
present in live systems and requires long culture times, most of the approaches to
promote hair follicle formation have historically focused on the use of animal models to
induce hair follicle formation in vivo [1]–[5]. However, the need to minimize the use of
animal models, together with the increasing demand of in vitro models for drug testing,
shifted our attention towards an in vitro approach. There exist few cases in the literature
in which hair follicle formation was induced in vitro. Nonetheless, fully differentiated hair
follicles were obtained only when murine follicle dermal papilla cells (mFDPc) were
employed [6], [7] or if hFDPc were genetically modified to overexpress the Lef1 gene[8].
All these works shared the use of Collagen I as the material to generate the in vitro skin
models used to induce hair follicle formation. This is because Collagen I is not only the
major component of the skin dermal compartment, but also of the mesenchymal layer
where the three dermo-epidermal messages occur during hair follicle morphogenesis
[9]–[12]. To avoid the use animal models and to give an alternative to the use of Collagen
I for in vitro skin models, in this chapter we propose the use of plasma-derived
organotypic skin cultures to sustain in vitro hair follicle neogenesis. The use of blood
plasma as a source of natural fibrinogen showed positive results in the production of skin
cultures with a fully differentiated epidermis either in vitro [13] or in vivo as skin disease
model [14], [15] or in clinical applications [16], [17] for the last two decades in our lab.
Additionally, the benefits of plasma composition in cell proliferation and differentiation
were detailed in previous chapters, particularly when PRP is used for hair follicle stem
cell maintenance and renewal [18]. Nonetheless, there are remaining issues regarding
the use of low final fibrin concentration (1.2 mg/mL) for in vitro applications. While hair
follicle neogenesis takes from 3-8 weeks, organotypic skin cultures lifespan is around 17
days due to the rapid degradation of the dermal compartment [17], [19], [20]. To
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overcome this problem, a series of experiments were performed to first increase the final
fibrin concentration to 2.4 mg/mL, improve the mechanical properties of the matrix and
hence increase its lifetime.
In this chapter, it is described how culture lifespan was extended through the increase
of fibrin concentration in plasma-derived organotypic skin cultures. Then, hair follicle-like
structures were induced by the co-culture of hFDPc with epidermal keratinocytes within
these matrices. Finally, the effectiveness of both DPS and FM systems to sustain hFDPc
reprogramming, proliferation and growth is compared in terms of their ability to induce
hair follicle neogenesis.

4.2. MATERIALS AND METHODS
4.2.1. MATERIALS
For human fibroblast and dermal papilla cell culture, hFDP cells and human primary
dermal fibroblasts (FH yo lo cambiaría a HF) were purchased at PromoCell (PromoCell,
Germany), while Dulbecco’s Modified Eagle’s Medium (DMEM) + GlutaMAX TM
supplemented with 10% fetal bovine serum (FBS) and 1% Antibiotic/Antimycotic (ABAM) was used as culture medium (Thermo Fisher Scientific). Human primary epidermal
keratinocytes from foreskin (hEK) (PromoCell, Germany) were cultured using Dubelco’s
modified Eagle medium (DMEM) + GlutaMAXTM and Ham-12 in a 3:1 proportion
supplemented with 10% fetal calf medium (FCS) (Thermo Fisher Scientific, USA), 1.3
ng/mL triiodothyronine, 24 µg/mL adenine, 0.4 µg/mL cholera toxin, 5 µg/mL insulin and
0.2 ng/mL antibiotic-antimycotic [19], hydrocortisone, 8 ng/mL (Merk, USA) and epithelial
growth factor 10ng/mL (Austral Biological, USA). Plasma-derived hydrogels were
prepared using frozen blood plasma either with low or high platelet concentration,
supplied by Banco de Sangre del Centro Comunitario de Transfusion del Principado de
Asturias (CCST) blood bank and treated according the standards of the American
Association of Blood Banks [21], calcium chloride (CaCl2 1% (w/v)) prepared in sodium
chloride (NaCl 0.9% (w/v)) (Merck, USA), tranexamic acid antifribrinolytic agent
Amchafibrin (500mg, Meda Pharma SL, Spain) and insert culture plates (Merck, USA).
Epidermal differentiation was carried out in 6 deepwell culture plates (Cultek, Spain)
using culture medium supplemented with ascorbic acid (Merck, USA). Comb-mold for
micropatterning was 3D printed using photopolymerized clear resin (Form Labs, USA).
Organotypic skin cultures were fixed using formalin-free tissue fixative (Merck, USA).
Immunofluorescence characterization was performed using the following antibodies:
anti-Alkaline Phosphatase (anti-ALP) (ab65834, Abcam, UK), anti-Versican (PA11748A, Thermo Fisher Scientific, USA), anti-Collagen IV (anti-Col IV) (14-9871-82,
eBiosciencesTM, USA); anti-Filaggrin (4113, Thermo Fisher Scientific, USA), anti-
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Involucrin (MA5-11803, Thermo Fisher Scientific, USA), anti-Loricrin (PA5-30583,
Thermo Fisher Scientific, USA); anti-cytokeratin-5 (anti-K5) (PA5-32465, Thermo Fisher
Scientific, USA), anti-cytokeratin-10 (K10) (MA5-13705, Thermo Fisher Scientific, USA),
anti-cytokeratin-14 (anti-K14) (MA5-11599, Thermo Fisher Scientific, USA), anticytokeratin-15 (anti-K15) (MA5-11344, Thermo Fisher Scientific, USA), anti-cytokeratin71 (anti-K71) (PA5-28558, Thermo Fisher Scientific, USA), anti-cytokeratin-5 (anti-K75)
(ab254740, Abcam, UK), anti-Vimentin (MA5-11883), anti-Rabbit secondary antibody
Alexa-555 (A27039, Thermo Fisher Scientific, USA), anti-Mouse secondary antibody
Alexa-488 (A32723, Thermo Fisher Scientific, USA) and DAPI (Thermo Fisher Scientific,
USA) for nuclei staining.

4.2.2. CELL CULTURE
Organotypic skin cultures were generated using human primary fibroblast (FH) and
human primary keratinocytes (hEK) for the dermal and epidermal compartment,
respectively. Additionally, hFDPc were used for the generation of DPS and FM.
Human fibroblast primary cell culture
The dermal component of organotypic skin cultures include encapsulated human primary
dermal fibroblast from commercial origin (Figure 4.1-A). Cells were stored in liquid
nitrogen at -196oC, thawed and seeded in F75 flask using Dulbecco’s Modified Eagle’s
Medium (DMEM) + GlutaMAXTM supplemented with 10% fetal bovine serum (FBS) and
1% Antibiotic/Antimycotic (AB-AM) at 37ºC and 5% CO2. Culture medium was changed
each 2-3 days until 80% confluency was reached, point at which they were used
encapsulated in the dermal compartment (see section 4.2.3). For cell detachment,
culture plate was washed twice with PBS 1X and incubated with 1mL trypsin for 5
minutes at 37ºC and 5% CO2. Trypsin was neutralized using 1mL DMEM/10%FBS/1%
AB-AM, from which 10µL cell suspension was used for cell counting in a Neubauer
chamber, and the rest was centrifuged at 700 x g for 5 minutes. Supernatant was
removed and cells ware ready to proceed with hydrogel encapsulation.
Human keratinocytes primary cell culture
Human primary keratinocytes from commercial origin (hEK) were used for epidermal
differentiation of organotypic skin cultures (Figure 4.1-B). Epidermal cells cannot grow in
a conventional 2D-culture monolayer, and therefore they must be co-cultured with a
feeder layer of lethally irradiated embryonic fibroblast form mouse 3T3-J2. These cells
cannot proliferate but they can release growth factors that promote hEK proliferation and
growth. Keratinocyte culture medium (KC m) was composed of Dubelco’s modified Eagle
medium (DMEM) and Ham-12 in a 3:1 proportion supplemented with 10% fetal calf
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medium (FCS), 1.3 ng/mL triiodothyronine, 24 µg/mL adenine, 0.4 µg/mL
hydrocortisone, 8 ng/mL cholera toxin, 5 µg/mL insulin, epithelial growth factor 10ng/mL
and 0.2 ng/mL antibiotic-antimycotic [19]. Cell culture proceeded as follows: 2· 10 6
irradiated 3T3-J2 cells were thawed and seeded onto a F75 flask using KC m and culture
for 24 hours at 37ºC and 5% CO2. Then, hEK were thawed and seeded in the flask
containing the feeder layer and cultured 48 hours at 37ºC and 5% CO 2 for cell
attachment, after which they are replenished with fresh culture medium. Culture medium
was replaced every 3-4 days until cell culture reached an 80% confluency. For cell
detachment, culture plate was washed three times with PBS 1X and incubated with 1mL
trypsin for 10 minutes at 37ºC and 5% CO2. Trypsin was neutralized using 2mL KC m,
from which 10µL cell suspension was used for cell counting in a Neubauer chamber, and
the rest was centrifuged at 700 x g for 5 minutes. Supernatant was removed and cells
are ready to proceed with cell seeding and epidermal differentiation.

Figure 4.1: Cell culture of A) human primary dermal fibroblasts (FH) and B) human primary
epidermal keratinocytes (hEK). Scale bar: 500 µm

Human follicle dermal papilla cells
For DPS and FM formation, hFDPc of commercial origin were used. As explained in
section 2.2.2, hFDPc were tested for cell morphology, cell viability and for positive
alkaline phosphatase expression by the manufacturer up to ten population doublings.
Additionally, for every new cell stock, positive expression of stemness markers for ALP,
Versican and -SMA was tested as described section 2.2.8 prior to use. Once in culture,
cell passage and population doublings were always tracked to work only with cells that
are below ten population doublings. Cells were stored in liquid nitrogen at -196oC,
thawed and seeded in F75 flask using DMEM/10%FBS/1% AB-AM at 37ºC and 5% CO2.
Culture medium was changed each 2-3 days until 80% confluency was reached, point
at which they were detached for DPS and FM generation as described in section 2.2.3
and 3.2.3 for hair follicle induction in organotypic skin cultures.
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4.2.3. PLASMA-DERIVED ORGANOTYPIC SKIN CULTURE
Plasma-derived organotypic skin cultures were made following the protocol first
described by Meana et. al [19] and later modified by Montero et. al [22]. Human plasma
of known fibrin concentration was donated by CCST blood bank which is stored at -80oC
and thawed in a prewarmed bath at 37 oC prior to use. Hydrogels of 4 mL are prepared
as follows: for a known fibrin concentration, the volume of plasma needed to have a final
fibrin concentration of 2.4 mg/mL was calculated and supplemented with the fibrinolytic
agent, Amchafibrin, to a final concentration of 0.016% (w/v) to avoid fibrin-clot
degradation. For coagulation cascade activation, filtered CaCl 2 1% was added in a final
concentration of 0.16% (w/v) and then, FH were incorporated at a cell density of 20.000
cells/mL diluted in 160µL DMEM/10%FBS/1% AB-AM culture medium. Final volume was
adjusted using filtered NaCl 0.9%. Once homogenized, the solution was deposited within
insert culture plates placed inside a 6-well plate and then incubated for 1 hour at 37ºC
and 5% CO2. After hydrogel formation, KC m was added on top and in the bottom of the
insert and incubated for 24 hours at 37ºC and 5% CO 2 to remove the excess of CaCl 2
(Figure 4.2-A).

Figure 4.2: Experimental setting and steps to obtain an organotypic skin culture with fully
differentiated epidermis: A) Plasma-derive hydrogel with encapsulated FH incubation in
submerged culture with KCm for the removal of extra calcium; B) seeding of hEK for cell
attachment in submerged culture with KCm and C) Epidermal differentiation in the air-liquid
interface with KDm.

After incubation, culture medium was removed, and 1·10 6 hEK diluted in 2 mL KCm were
seeded onto the plasma hydrogel. Then, 2mL extra KC m were added in the bottom of the
insert and culture plates were incubated for 48 hours to ensure cell attachment to the
fibrin hydrogel (Figure 4.2-B). After that, cultures were inspected under the microscope
to check cell confluency. If hKE monolayer was not confluent, cultures were incubated
until confluency was reached. Because epidermal differentiation occurs in the air-liquid
interface, culture medium was removed from the hydrogels and insert were transferred
to 6-well deepwell plates. The hydrogel surface was conscientiously dried with the
vacuum for correct epidermal differentiation (Figure 4.2-C). Finally, keratinocyte
differentiation culture medium (KDm) was added into the deepwell plates, and constructs
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are incubated at 37ºC and 5% CO2. For correct cell nourishment and differentiation,
culture medium must reach the bottom but no touch the walls of the insert. KD m was
prepared similarly as KCm with two particularities: 0.5% FCS and of 50µg/mL ascorbic
acid.
Culture medium was exchanged every 3-4 days and organotypic skin differentiation was
visually tracked for 10-25 days. When keratinocyte surface was completely dry and
white; skin equivalents were processed for histological characterization. For epidermal
differentiation tracking, organotypic skin cultures were analyzed at four different timepoints: 11, 15, 18 and 25 days. Organotypic skin cultures using plasma derived hydrogels
of 1.2 mg/mL were generated at the same time with the same culture conditions to be
used as a control.

4.2.4. MOLD DESIGN FOR CONTROLLED DEPOSITION OF DPS AND FM
To mimic human hair follicle distribution, a very precise and controlled positioning of DPS
and FM was required. Based on hair follicle density and depth in human body, comb-like
molds with cylindrical extensions (teeth) similar to hair follicles were designed to mimic
in vivo hair follicle patterning, [23], [24]. Tooth length was calculated to penetrate 4 mm
in the plasma hydrogel according to our experimental setting (Figure 4.3), while its width
was defined as 1 mm for DPS and FM accommodation according to their size (Figure
3.6 and Figure 2.17-A). Fusion 360 software (Autodesk, USA) was employed for CAD

design of the comb with two different tooth densities, 10 and 20 teeth/cm2, with a
separation of 4- and 1 mm respectively (Figure 4.3). Combs were 3D printed by
stereolithography using photopolymer clear resin in Form2 3D printer (FormLabs, USA).
Printed objects were then washed in an isopropanol bath for 20 minutes and cured for
60 minutes in a UV-light module. Prior to their use with plasma hydrogels, combs were
washed twice for 30 minutes in PBS 1X and sterilized with UV-light in a laminar hood for
15 minutes.
To test plasma hydrogel polymerization in the presence of the comb and analyze toothpatterning, plasma hydrogels with encapsulated fibroblast were generated in an insert
as described in section 4.2.3. Once introduced in the insert and before polymerization,
combs were placed on top on the insert with the teeth inside the plasma hydrogel. Culture
plates were then incubated at 37ºC and 5% CO2 to induce plasma coagulation. After one
hour, combs were removed carefully, and the surface of the hydrogel was visually
inspected in an inverted microscope Olympus CKX41 (Olympus, Japan) with PixeLINK
camera to analyze hole-patterning. After that, DMEM/10%FBS/1% AB-AM culture
medium was placed on top and below the insert and incubated for 7 days to analyze
hydrogel mechanical stability.
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Figure 4.3: Schematic representation of the experimental setting used for mold design to be used
for micropatterning in organotypic skin cultures. Htr: transwell height; Hh: hydrogel height; Ht:
tooth height; Hhf: hair-follicle hole height and Dt: transwell diameter.

Figure 4.4: Comb 3D model design using Fusion 360 software for 3D printing, for a comb of 10
teeth/cm2.

4.2.5. INDUCTION HAIR FOLLICLE FORMATION IN ORGANOTYPIC SKIN
CULTURES WITH DPS
In vitro hair follicle induction was first promoted using DPS. For that, spheroids of 3000
cells were generated using hFDPc in a LA-plate as described in detail in section 2.2.3.
When generated, they were cultured for 48 hours to allow spheroid formation, time point
set at D0.
Plasma-derived hydrogels were used for the dermal component of organotypic skin
cultures. As described in section 4.2.3, 4-ml plasma hydrogels containing 20.000
cells/mL human primary FH at a final fibrin concentration of 2.4 mg/mL were prepared.
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Hydrogel solution was placed in insert within 6-well plates and immediately, and the
previously sterilized 3D printed comb with 10 tooth/ cm2 was placed on top of the insert
for hydrogel polymerization (Figure 4.5-A). One hour after incubation at 37ºC and 5%
CO2, the comb was carefully removed and 2 mL of KC m culture medium were added on
top and below the insert and incubated for 24 hours to remove the excess of CaCl2
(Figure 4.5-B).
At D0, culture medium was removed from plasma hydrogels, after which DPS are
introduced in the holes one by one with a micropipette and the help of a
stereomicroscope (Figure 4.5-C). When finished, the excess of culture medium was
removed from the top of the hydrogel. For DPS and hEK co-culture, 2 · 106 hEK
suspended in KCm were placed on top of each hydrogel to fill all the holes and cover the
hydrogel surface (Figure 4.5-D). Extra KCm was placed in the bottom of the insert, and
hydrogels were cultured for 48 hours at 37ºC and 5% CO 2 for keratinocyte attachment.
After that, culture medium was replaced by sufficient volume of KD m to cover the hydrogel
surface and the lower part of the plate to promote cell differentiation but not proliferation
after which they were cultured at 37ºC and 5% CO 2 up to for 6-weeks. Epidermal
differentiation requires hydrogel culture in the air-liquid interface, whereas hair follicle
differentiation was induced in submerged culture. In that way, keratinocyte differentiation
into a stratified epidermis was not promoted due to the absence of air but instead, hFDPc
signaling within the DPS induced keratinocyte differentiation into a hair follicle structure.
Hair follicle differentiation was tracked for weeks 1, 2, 3, 4 and 6, time at which
organotypic skin culture is processed for histological characterization.
Additionally, PRP was employed in the preparation of plasma-derived hydrogels to
analyze the effect blood platelets in hair follicle induction. For each culture condition and
time point (Table 4.1), two organotypic skin cultures were analyzed.
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Figure 4.5: Experimental setting and steps for hair follicle neogenesis: A) Plasma-derived
hydrogel polymerization with the comb for patterning formation; B) Comb removal and incubation
for calcium chloride removal; C) Seeding of DPS/FM in the hydrogel within the microtubular
patterning and D) Co-culture of hFDPc within DPS/FM with hEK to promote hair follicle
differentiation in submerged culture with KDm.
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4.2.6. INDUCTION HAIR FOLLICLE FORMATION IN ORGANOTYPIC SKIN
CULTURES WITH FM
In addition to DPS, in vitro hair follicle formation was induced by FM. For this purpose,
FM with 3000 cells were generated using hFDPc as described in detail in section 3.2.3.
When generated, they were cultured for 48 hours for hydrogel contraction and hydrogel
remodeling mediated by cells, time point set at D 0. PRP was employed for FM generation
to analyze the effect of blood platelets in hair follicle induction. For each culture condition
(Table 4.1), two organotypic skin cultures were analyzed.
Table 4.1: Culture condition explored in hair follicle neogenesis.
Culture System

DPS

FM

Culture condition

Culture time (weeks)

PPP-Dermal component

1,2,3

PRP-Dermal component

4,6

PPP-FM

3

PRP-FM

3

Plasma-derived hydrogels were used for the dermal component of organotypic skin
cultures. As described in section 4.2.3, 4-ml plasma hydrogels containing 20.000
cells/mL human primary FH at a final fibrin concentration of 2.4 mg/mL were prepared
using PPP. Hydrogel solution was placed in insert within 6-well plates and immediately,
the previously sterilized 3D printed comb with 10 tooth/ cm 2 was placed on top of the
insert for hydrogel polymerization (Figure 4.5-A). One hour after incubation at 37ºC and
5% CO2, the comb was carefully removed and 2 mL of KC m culture medium were added
on top and below the insert. They were incubated for 24 hours to remove the excess of
CaCl2 (Figure 4.5-B).
At D0, culture medium was removed from plasma hydrogels, after which FM were
introduced in the holes one by one with a micropipette and the help of a
stereomicroscope (Figure 4.5-C). Then, the excess of culture medium was removed from
the top of the hydrogel and 2 · 10 6 hEK suspended in KCm were placed on top of each
hydrogel to fill all the holes and cover the hydrogel surface (Figure 4.5-D). hFDPc within
the FM and hEK were co-cultured to promote cell communication and signaling between
the two cell populations to induce keratinocyte differentiation into a hair follicle structure.
Extra KCm was placed in the bottom of the insert, and hydrogels were cultured for 48
hours at 37ºC and 5% CO2 for hEK attachment. After that, to promote cell differentiation
but not proliferation, culture medium was replaced by sufficient volume of KD m to cover
the hydrogel surface and the lower part, after which they were cultured at 37ºC and 5%
CO2 for 3 weeks. Epidermal differentiation requires hydrogel culture in the air-liquid

105

interface, whereas hair follicle differentiation was induced in submerged culture. In that
way, keratinocyte differentiation into a stratified epidermis was not promoted due to the
absence of air but instead, hFDPc signaling within the FM induced keratinocyte
differentiation into a hair follicle structure. Hair follicle differentiation was tracked after 3
weeks in culture, when organotypic skin cultures were processed for histological
characterization.

4.2.7. HISTOLOGY FOR STRUCTURAL CHARACTERIZATION
Structural analysis and epidermal differentiation of organotypic skin cultures (section
4.2.3) was analyzed through Hematoxylin & Eosin (H&E) tinction. For each time point,
organotypic skin cultures were detached from the insert with the help of a scalpel and
tweezers and introduced in a histological cassette. Samples were embedded in formalinfree tissue fixative 24 hours for tissue fixation, after which they were washed with running
tap water for 15 minutes. Then, samples were left in a PBS 1X solution for 24 hours at
4ºC and transported to Ciemat (Madrid, Spain) for tissue processing after which they
were paraffin embedded. Tissue slices of 5µm-thickness were obtained by cutting the
paraffin block with a microtome machine and then transferred to treated microscope
slides. After H&E tinction [25], samples were visualized using a direct microscope to
study tissue structure. When needed, further characterization of the tissue was
performed through immunofluorescence (section 4.2.8).
Similarly, hair follicle formation in organotypic skin cultures was followed and
characterized through structural analysis of organotypic skin cultures by H&E tinction. At
each time point, organotypic skin cultures containing either DPS or FM (sections 4.2.5
and 4.2.6) were fixed and processed as detailed previously in this section. Once tissues
were mounted in paraffin blocs, 5µm-thickness tissue slides were obtained for further
tissue characterization. Particularly for this experiment, the entirety of the sample was
cut and transferred to microscope slides, each containing two consecutive samples
(Figure 4.6). Every microscope slide was obtained sequentially and numbered for a
correct tracking and location of the hair follicles if present. For structural characterization
of the tissue, one out of five microscope slides were stained with H&E after which they
were visually inspected using a direct microscope (Figure 4.6, red microscope slides). If
any structure of interest was found, further characterization was performed through
immunofluorescence in the rest of the available paraffin samples (Figure 4.6, yellow
microscope slides).
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Figure 4.6: Schematic representation of sample processing for histological characterization to
track hair follicle formation in organotypic skin cultures containing DPS/FM. The organotypic
culture is processed and paraffin-embedded to obtain 5-µm slices of tissue. Numbered
microscope slides of consecutive tissue cuts are used for H&E staining (red) and for
immunofluorescence (yellow), when needed.

4.2.8. IMMUNOFLUORESCENCE FOR TISSUE CHARACTERIZATION
Epidermal differentiation in organotypic skin cultures (section 4.2.3) was characterized
by the localization of well-known epidermal proteins through immunofluorescence ( Figure
4.7-A). Human primary fibroblasts were characterized by the localization of Vimentin.

Figure 4.7: Structural representation and protein location of well-known epidermal markers in
human skin (A) and hair-specific keratins of the human hair follicle (B). DS: dermal sheath, DP:
dermal papilla; ORS: outer root sheath; IRS: inner root sheath; CL: companion layer; HS: hair
shaft.

Furthermore, hair follicle differentiation within organotypic skin cultures (section 4.2.5
and 4.2.6) was characterized by the localization of hair-specific keratins (Figure 4.7-B)
and Versican, ALP and Col IV, components of the human DP structure extracellular
matrix. Particularly for this experiment when a structure of interest was found with H&E
staining its consecutive microscope slide (Figure 4.6) was used for immunofluorescence.
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For immunostaining, microscope slides with the tissue were deparaffined as follows:
samples were incubated 15 minutes at 60ºC to ensure the attachment of the tissue to
the glass and partially melt the paraffin, followed by two incubations in xylene at 37ºC in
a shaker. Then, samples were rehydrated in gradually descending ethanol dilutions
(100%, 90% and 70% x2) and water for 5 minutes. Non-specific epitopes were blocked
using PBS-BSA 3% for 45 minutes. Primary antibody was diluted (Table 4.2) in PBSBSA 3% solution and incubated overnight at 4ºC. After washing, secondary antibody was
diluted in PBS-BSA 3% and incubated for 1 hour at room temperature. Finally, samples
were incubated with DAPI for nuclei staining and coverslipped with DPX. Fluorescence
images were visualized using inverted microscope Leica Dmi8.
Table 4.2: Antibody dilutions for immunofluorescence characterization of epidermal differentiation
and hair follicle formation
Antibody

Type

Dilution

anti-Mouse Alexa-488

Secondary

1:1000

anti-Rabbit Alexa-555

Secondary

1:1000

anti-ALP

Primary

1:50

anti-Col IV

Primary

1:100

anti-Filaggrin

Primary

1:100

anti-Involucrin

Primary

1:100

anti-K5

Primary

1:50

anti-K10

Primary

1:400

anti-K14

Primary

1:200

anti-K15

Primary

1:50

anti-K71

Primary

1:200

anti-K75

Primary

1:50

anti-Loricrin

Primary

1:100

anti-Versican

Primary

1:200

anti-Vimentin

Primary

1:100

4.2.9. INDUCTION EFFICIENCY OF HAIR FOLLICLE-LIKE STRUCTURES
Induction of keratinocyte differentiation into hair follicle structures, was carried out at
different culture conditions: culture system (DPS/FM), culture time and the presence of
platelets (Table 4.1). To test the effect of each culture condition to promote hair follicle
differentiation, these conditions were analyzed and compared in terms of induction
efficiency. The ability of each culture condition to induce hair formation was expressed
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as an approximation of the total number of hair follicles-like structures found versus the
number of expected hair follicles. Hair follicle induction efficiency (𝐸𝑖 ) was calculated as:
𝐸𝑖 (%) =

𝐼𝑟
· 100
𝐼𝑡

Where 𝐼𝑡 accounts for the total number of expected hair follicles or seeded DPS/FM and
𝐼𝑟 represents for the total number of visualized hair follicle-like structures during
structural. For statistical significance, two samples of each condition were analyzed.

4.3. RESULTS
4.3.1. PLASMA-DERIVED ORGANOTYPIC SKIN CULTURE
Final fibrin concentrations of organotypic skin cultures were used to see which one
generated more stable dermo-epidermal skin equivalents with extend their lifespan. After
18 days in culture organotypic skin cultures showed a completely dry and uniform
epidermis within the insert (Figure 4.8 A-B), sign of a well-differentiated epidermis.
Moreover, cultures with a final fibrin concentration of 2.4mg/mL (Figure 4.8-B) displayed
a more stable structure within the insert as compared to those of 1.2mg/mL (Figure 4.8A), whose dermis was almost inexistent, and the epidermis was detached from the walls
of the insert., Organotypic skin cultures showed a human skin-like appearance when
they were detached from the insert (Figure 4.8-C).

Figure 4.8: Organotypic skin cultures in insert after 18 days for final fibrin concentration:
A)1.2mg/mL and B) 2.4 mg/mL. In (C), physical appearance for 2.4mg/mL cultures when removed
from insert.

Structural analysis of organotypic skin of the two fibrin concentrations showed a well
differentiated epidermis (Figure 4.9 B-C), similar to human skin (Figure 4.9-A). Cultures
of both fibrin concentrations exhibited a layer of terminally differentiated and dead
epidermal cells or stratum corneum, only present in mature epidermis. Nonetheless, after
15 days in culture, organotypic skin with the higher fibrin concentration showed a thicker
dermal compartment (Figure 4.9-C) as compared to that of a lower concentration (Figure
4.9-B).

109

Figure 4.9: H&E staining for: A) human skin biopsy, scale bar: 500µm; organotypic skin of final
fibrin concentrations B) 1.2mg/mL and C) 2.4mg/mL after 15 days in culture, scale bar: 100µm.

Organotypic skins of high fibrin concentrations lasted in culture 1 week more than those
of lower concentration. Tracking of the differentiation process of the former with H&E
staining showed that at day 11 there was a well differentiated epidermis although with
an incipient stratum corneum (Figure 4.10-A) while clear cornification occurs after 15
days in culture (Figure 4.10-B) and continued up to day 25. Despite skin cultures lasted
25 days, H&E staining showed that for more than 18 days stratum corneum further
increased in its thickness and the epidermis reduced its height (Figure 4.10-C), being
almost inexistent after 25 days (Figure 4.10-D).

Figure 4.10: H&E staining for structural analysis of organotypic skin with final fibrin concentration
of 2.4mg/mL for: A) 11; B) 15; C) 18 and d) 25 days in culture. Scale bar: 100µm. Dotted lines
represent the dermo-epidermal junction.
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Although after 11 days in culture organotypic skin exhibited a fully differentiated
epidermis, immunostaining showed temporal differences in the protein expression
associated to each epidermal layer. First, at day 11, K5-staining proved the presence of
an epidermal basal layer (Figure 4.11-A, red) and K10- and Involucrin-staining were
present at the suprabasal spinous layer (Figure 4.11A-B, green). Then, Loricrin
expression in the granular layer was found in organotypic skin after 15 days in culture
(Figure 4.11-C, red). Finally, Filaggrin was present just below the cornified layer (Figure
4.11-D, red) and Col IV was found in the basement membrane (Figure 4.11-E, green)

only in organotypic skin after 25 days in culture.

Figure 4.11: Immunostaining in organotypic skin cultures for: A) K5 (red) and K10 (green) in basal
and suprabasal spinous layer at day 11; B) Involucrin (green) in suprabasal spinous layer at day
11; C) Loricrin (red) in granular layer at day 15; D) Filaggrin (red) at the transition between
granular layer and cornified layer at day 25; E) Col IV (green) in basement membrane at day 25
and F) Vimentin expressed by human fibroblast in dermis at day 11. Scale bar 110µm. The dotted
line represents the dermo-epidermal junction. White arrows highlight areas with high protein
expression.
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4.3.2. CONTROLLED SPATIAL DISTRIBUTION OF FM AND DPS IN PLASMADERIVED HYDROGEL
Spatial distribution and deposition of cells in the fibrin matrix for hair follicle differentiation
was guaranteed using a 3D printed mold with a structure similar to a comb (Figure 4.12A) of know tooth density and length. For pattern generation, plasma hydrogel with cells
was polymerized in a culture insert with the comb on top (Figure 4.12-B) and when it was
removed, a pattern of homogeneously distributed holes was observed on the surface of
the hydrogel (Figure 4.12 C-D). Combs with two different teeth densities were tested: 10
teeth/cm2 (Figure 4.12-C) and 20 teeth/cm2 (Figure 4.12-D) with 4- and -1 mm between
holes, respectively.

Figure 4.12: Hole pattern formation for hair follicle generation in fibrin hydrogel: A) 3D printed
comb; B) experimental setting for pattern generation in plasma hydrogel polymerized within an
insert and pattern distribution on hydrogel surface for C) 10 tooth/cm 2 and D) 20 tooth/cm2. Scale
bar: 1mm.

When fibrin plasma hydrogels were maintained under culture condition for 7 days, those
with a high-density patterning contracted in the XY-plane, detached from the walls of the
culture insert and showed areas without hydrogel (Figure 4.13-B), conversely to lowdensity patterning hydrogels (Figure 4.13-A). To guarantee hydrogel stability and
integrity, low-density patterning was selected for hair follicle differentiation experiments.
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Figure 4.13: Plasma hydrogel contraction for: A) 10 tooth/cm2 and B) 20 tooth/cm2 after 7 days in
culture.

4.3.3. IN VITRO HAIR FOLLICLE NEOGENESIS WITH DPS
The results described in this section and in the following one were obtained in the final
stages of the work, so they should be considered as preliminary.
Hair follicle neogenesis was induced by the co-culture of DPS and hEK inside an
organotypic skin culture. First, the dermal component was generated using PPP orPRP
and polymerized with the comb for pattern generation (Figure 4.14-A). Then, after comb
removal, DPS were introduced inside the holes and covered with hEK to promote its
differentiation (Figure 4.14-B). Finally, organotypic culture was removed from the insert
and processed for histological characterization (Figure 4.14-C).
After 2 weeks in culture, evidence showed the first signs of hair follicle differentiation with
the presence of elongated and bent structures with a nodule present in the upper half of
the structure, similar to human hair follicles (Figure 4.15-A). Cell differentiation into hair
follicle fate was proven by keratinocyte positive expression of hair germ (keratin K15)
and hair medulla (keratin K75) (Figure 4.15-B). In addition to that, keratinocytes showed
localized positive expression of ORS K14 and IRS K71 (Figure 4.15-C).

Figure 4.14: Experimental setting for hair follicle differentiation in plasma hydrogels with DPS: A)
Hole-pattern formation in plasma hydrogels using PPP (yellow) and PRP (orange); B) DPS-hEK
co-culture in plasma hydrogels for hair follicle differentiation and C) preparation of plasma
hydrogels for histological processing after 3 weeks in culture. Black arrows point to cell
accumulation inside the holes.

113

Figure 4.15: Structural analysis and immunostaining of hair follicle differentiation using DPS after
2 weeks in culture: A) H&E staining, Scale bar 150µm; B) K15 (green), K75 (red), Scale bar:
150µm and C) K14 (green), K71 (red), white arrow points a node with similar structure to hair
follicle bulge. Scale bar: 50µm.

When organotypic skin was cultured for 3 weeks, cell differentiation gave rise to
structures of diverse morphologies. One of them are bag-like structures surrounded by
a prolongation of basal cell layer from the epidermis filled with cells of different
morphologies. Immunostaining showed ORS keratinocytes (K14) surrounding the
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structure filled with IRS keratinocytes (K71) (Figure 4.16 B,E). Eventually, these
structures display hair germ (K15) and hair medulla/companion layer (K75) cells in the
center (Figure 4.16-C).

Figure 4.16: Structural analysis and immunostaining of hair follicle differentiation using DPS after
3 weeks in culture: A) H&E; B) K14 (green), K71 (red); C) K15 (green), K75 (red); D) H&E; E) K14
(green), K71 (red). Scale Bar: 150µm.

4.3.4. IN VITRO HAIR FOLLICLE NEOGENESIS WITH FM
Alternatively, hair follicle neogenesis was induced by the co-culture of FM and human
hEK inside an organotypic construct, as above described for DPS. Initially, the dermal
component was generated using PPP and polymerized in the presence of the comb for
patterning generation. Later, PPP and PRP-FM were introduced inside the holes and cocultured with hEK to promote cell differentiation (Figure 4.17-A). Finally, the organotypic
construct was removed from the insert and processed for histological characterization
(Figure 4.17-B).
After 3 weeks in culture, histological characterization of organotypic constructs exhibited
a very thin dermal component with nodules of approximately 400µm at the surface,
surrounded by a layer of keratinocytes (Figure 4.18-A). Besides, immunostaining
revealed the presence of encapsulated cells inside this structure, with positive
expression of hFDPc typical markers ALP, Col IV and Versican (Figure 4.18 B-C), which
links this structure to the FM.
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Figure 4.17: Experimental setting for hair follicle differentiation in plasma hydrogels with FM: A)
FM-hEK co-culture in plasma hydrogels for hair follicle differentiation, black arrows point to FM
within hydrogel holes and B) preparation of plasma hydrogels for histological processing after 3
weeks in culture, black arrows point to cellular aggregates inside the hydrogel.

Figure 4.18: Structural analysis and immunostaining of FM withing an organotypic construct after
3 weeks in culture: A) H&E staining, black arrows locate putative hFDPc inside the FM; B) Alkaline
phosphatase (red) and C) Col IV (green), Versican (red). In blue, DAPI staining for cell nuclei.
The image only shows the microgel structure, dermis is not displayed in the image. Scale bar:
150µm.

During structural characterization of hair follicle neogenesis, this type of FM-related
structures were frequently found at the dermo-epidermal junction covered with a layer of
basal keratinocytes (Figure 4.19 A,B). Moreover, they present ellipsoidal structures with
several cell layers in the FM-dermal interface with a diameter of 100-200µm. Through
immunostaining their architecture was clearly visualized as concentric cell layers with
positive expression of ORS-K14 and IRS-K71 positive cells in the external and internal
part, respectively (Figure 4.19 C,D). Nonetheless, none of them show positive expression
of hair germ-K15 or hair medulla-K75 markers.
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Figure 4.19: Structural analysis and immunostaining of FM generated using PPP within an
organotypic construct after 3 weeks in culture. Structure 1 (left): A) H&E, Scale bar: 200 µm; C)
K14 (green), K71 (red) Scale bar: 20 µm; E) closer view of (C), Scale bar 50µm; Structure 2
(right): B) H&E; Scale bar: 200 µm D) K14 (green), K71 (red), Scale bar: 250 µm; F) closer view
of (D), Scale bar: 50 µm. In blue, DAPI staining for cell nuclei.
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Similarly, when FM generate with PRP were used to induce hair follicle neogenesis,
equidistant nodules attributed to the FM were distributed in the dermal surface covered
with epidermal keratinocytes (Figure 4.20 A,B). Besides, circular structures with
concentric cell layer were found in the interior with positive expression of ORS-K14 and
IRS-K71 in the external and internal layers, respectively (Figure 4.20 C,D). Neither hair
germ-K15 nor hair medulla-K75 expression was present. Clearly, these structures were
very similar to those above described for PPP-FM. However, the PRP-derived structures,
on top of the concentric, K14-posive structures presented a mass of cells with a tendency
to arrange into lobular shapes. These structures were negative for K14 and K71 but were
morphologically reminiscent of sebaceous glands.

Figure 4.20: Structural analysis and immunostaining of FM generated using PRP within an
organotypic construct after 3 weeks in culture. Structure 1: A) H&E; C) K14 (green), K71 (red);
Structure 2: B) H&E; D) K14 (green), K71 (red). In blue, DAPI staining for cell nuclei. Scale bar:
250µm.
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4.3.5. HAIR FOLLICLE INDUCTION EFFICIENCY
In vitro hair follicle neogenesis was promoted using two different systems, DPS and FM,
with their particular culture conditions. The ability of these two systems to promote hair
follicle differentiation was quantified and compared in terms of hair follicle induction
efficiency (𝐸𝑖 ) (see section 4.2.9).

Figure 4.21: Hair follicle formation efficiency for organotypic constructs with DPS: A) at different
culture times and B) in organotypic constructs using PPP/PRP. In black, columns represent
values at week 4, whereas grey columns represent values at 6 weeks.

Hair follicle neogenesis using DPS was tracked at different culture times (Figure 4.21-A).
The highest efficiency value was found at 3 weeks in culture with a mean value of 30%
induction efficiency while its lower value was an 8% after 4 weeks in culture. However,
no induced structures were found in the first week of culture. The effect of blood platelets
in hair follicle formation was analyzed using organotypic constructs generated either with
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PPP or PRP (Figure 4.21-B). In the presence of platelets 𝐸𝑖 showed lower results, with a
0- and 8% induction efficiency after 4- and 6 weeks in culture, respectively. Conversely,
whereas organotypic constructs without platelets exhibited a 23- and 12% induction
efficiency at 4- and 6 weeks in culture, respectively.
When both culture systems were compared, Ei in cultures containing FM increased a
17% larger than in cultures containing DPS (Figure 4.22-A). Nonetheless, no significative
differences were found in Ei in the presence platelets (Figure 4.22-B).

Figure 4.22: Hair follicle formation efficiency for organotypic constructs with FM: A) comparison
for organotypic constructs using DPS and PPP-FM and B) PPP/PRP-FM.
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4.4. DISCUSSION
The final goal of this thesis was to implement a methodology to induce human hair follicle
de novo formation in vitro. However, all the attempts of the scientific community to
accomplish this task during the last 30 years highlight the complexity of this task. Many
studies have been developed using different strategies, all of them revolving around the
objective of replicating hair follicle generation process that takes place during
embryogenesis [2], [26]–[29]. Using this idea as a common thread, this thesis focused
on the second dermal message of hair follicle morphogenesis in which dermal papilla
induces the differentiation of the overlying epidermal layer [11], [12]. The ability of DP
structure to induce de novo hair follicle formation in adult mice was described and proven
by Jahoda et. al. in the 80’s [30]–[32]. Nonetheless, this process is not straightforward
when working with human dermal papilla cells [2]. As extensively described in the
previous two chapters, two different systems were proposed to mimic human DP
structure in terms of morphology and biological function. Both DPS and FM successfully
fulfilled this task, making their use feasible for hair follicle induction experiments.
However, in the emulation of hair morphogenesis during embryology, it is crucial to have
a suitable culture system in terms of composition and biological role. The dermal
component present at this developmental stage is a mesenchyme mainly composed of
collagen [11], [20], reason why it is the selected biomaterial in most of the studies
involving hair follicle neogenesis [8], [29], [33]. Although collagen-I has been used to
successfully generate in vitro skin equivalents [34], they show a highly contractile
behavior and short lifespan. These facts, together with our experience working with
human blood plasma as a source of natural fibrinogen [15], [35], [36], led us to propose
the use of plasma-derived hydrogels as a system to support hair follicle differentiation.
The use of plasma-derived hydrogels poses many advantages. Regarding plasma
composition, in addition to all the benefits listed in the introduction of this chapter, the
presence of thrombin may play a crucial role in hair follicle neogenesis [37]. The use of
human blood plasma with endogenous thrombin is then an added value considering the
low availability and high price of natural human thrombin [38]. Moreover, human
fibroblasts can remodel the fibrin matrix and produce Collagen III, which is then replaced
by collagen I in more mature skin [20], [39], [40]. This Collagen III/I ratio is dynamic during
human life and plays a crucial role in skin aging, being predominant type III in newborns
and type I in adults [41]. This points out that the embryonal mesenchyme may be mainly
composed of Collagen type III, which would then be replaced during human ageing. This
suggests that Collagen type I may not be predominant during hair follicle development,
and therefore, Collagen I-based skin equivalents may not be ideal candidates for hair
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follicle induction studies. For all the above-mentioned reasons, plasma-derived
organotypic skin cultures were the system chosen to sustain hair follicle differentiation.
For the production of plasma derived skin equivalents, the protocol developed by Meana
et. al was modified to increase hydrogel final fibrin concentration in order to mechanically
improve their stability, reduce dermal compartment degradation and hence extend
culture times [17], [22], [42], [43]. As a result of increasing final fibrin concentration,
plasma hydrogels lifetime was extended for more than 1 week compared to cultures with
lower fibrin concentration. Moreover, immunofluorescence for typical epidermal markers
showed that hydrogels sustained correct epidermal differentiation. While fluorescence
characterization in paraffin embedded tissues is not recommended due to their intrinsic
autofluorescence [44], [45], routinary immunohistochemistry protocols were modified to
allow the use of immunofluorescence in our samples [46]. Although immunostaining for
typical epidermal markers was positive in organotypic skin and showed the same
location and distribution as in human skin (Figure 4.11 and Figure 4.23), they were
expressed at different culture times [47]. For example, while Involucrin and Loricrin were
present in cultures of 11 and 15 days respectively, Col IV and filaggrin were found after
25 days in culture [48], [49]. This finding points out the need to extend organotypic culture
times to obtain more mature cultures. However, the disappearance of most of the
epidermal layers in favor of a dense cornified stratum corneum may be explained by
terminal differentiation of keratinocytes. Epidermal homeostasis is probably lost due to
an imbalance in the culture conditions, which forces epidermal differentiation without
promoting epidermal renewal [49], [50]. Extended culture times for organotypic skin
cultures require not only dermal stabilization but epidermal homeostasis [43].
Nonetheless this was not critical for hair follicle neogenesis as submerged culture
conditions made hair follicle differentiation prevail over epidermal differentiation.
However, these experiments showed us than a fibrin concentration of 2.4 mg/mL, instead
of the 1.2 mg/mL use until now, provided the fibrin matrix with properties, in particular a
longer lifetime, more suitable for induction of hair neogenesis
Hair follicles are homogeneously distributed over the skin surface with varying hair
density, width, and depth along the different body sites [23], [24]. Fabrication of a mold
to mimic hair follicle patterning may be useful to resemble in vivo conditions and to
ensure precise cell deposition. 3D printing was the selected technology for this purpose
as it allows for the design, modification, and fabrication of tools according to experimental
needs. A comb-like structure was fabricated in which its teeth acted as molds for the
niche in the matrix for hair follicle development. Due to hydrogel contraction and
degradation when maintained in culture (Figure 4.13-B), plasma hydrogels could only

122

host 10 follicles/cm2, whereas human hair follicle density is around 290 follicles/cm 2 [23].
In addition to both plasma-self contraction and cell-mediated contraction, this hair-follicle
patterning disrupts the integrity of the hydrogel, contributing to matrix destabilization [22].
Regarding teeth design, although hair follicle width is around 500 µm and is tilted with
respect to the epidermis, teeth were designed to have 1-mm width and exhibit an angle
of 90º with respect to the base. This design eases DPS/FM manipulation and deposition,
but it also contributes to matrix destabilization.

Figure 4.23: Immunostaining of human skin biopsy for: A) Involucrin (green) and Filaggrin (red)
in the suprabasal spinous and subcornified layer, respectively; B) Loricrin (red) in the granular
layer; C) Col IV (green) in the basement membrane and D) K5 (red) and K10 (green) in the basal
and suprabasal spinous layer. In blue, DAPI staining for cell nuclei. Scale bar 50µm.

During embryological development, hair follicle formation is orchestrated by a series of
dermo-epidermal molecular messages [11], [51], [52]. Trying to mimic all these complex
molecular pathways seems improbable in an in vitro model, however, this fact
emphasizes the importance of the epithelial-mesenchymal interactions [53], [54]. Our
experimental setting aimed to resemble the biological context at the second dermal
message to trigger all these complex molecular pathways rather than focusing on
specific signals [55]–[58]. For that reason, immediately after the deposition of either DPS
or FM inside the orifices in the dermal compartment, hEK were delivered at the surface
of the hydrogel to fill these orifices and stay in contact with the DPS or FM. In this way,
hFDP cells and hEK were co-cultured to promote keratinocyte differentiation towards
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hair follicles. Additionally, culture conditions play a key role in ensuring the correct
communication between both cell types. At the embryo, hair follicle formation occurs in
submerged conditions when a monolayer-epithelium is present [20]. If we consider our
experimental setting for hair follicle differentiation, air-liquid interface would promote
epidermal differentiation instead hair follicle differentiation [59], [60]. For this reason,
organotypic constructs were maintained in submerged conditions to rule hFDPc
signaling over epidermal differentiation. Besides, low-serum conditions prioritized cell
differentiation over proliferation.

Figure 4.24: Human skin biopsy with hair follicles. Structural analysis: a) H&E, black arrows point
sagittal and axial planes of different hair follicles. Scale bar: 200µm. Immunostaining: b) ALP
(red), K15 (green) in the ORS; c) K31 (red) in the hair cortex pointed with the white arrow, K15
(green) in the ORS; d) K14 (green) in the ORS, K71 (red) in the IRS, white arrow points the
sebaceous gland. In blue, DAPI staining for cell nuclei. Scale bar 100µm.

After DPS were introduced in the dermal compartment of the organotypic constructs,
they were localized within the hydrogel by visual inspection of consecutive 5µm sections.
After 2 weeks in culture, histological processing discovered follicle-like structures of
different shapes, similar to those previously reported in the literature [8], [33]. At this
point, it is important to characterize and to analyze in detail the expression and location
of hair follicle keratins. In fully differentiated hair follicles while K14 is attributed to the full
thickness and length of the hair follicle ORS, the K15 location is controversial [61]. In
mature hair follicles K15 is found in both the ORS of the lower part of the hair follicle and
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in the progenitor cells of the bulge (Figure 4.24 B,C). On the other hand, K75, K71 and
K31, are only expressed in the companion layer, the IRS and the hair cortex, respectively
(Figure 4.24 C, D) [62], [63].
Regarding hair morphogenesis, keratin expression evolves as the differentiation process
does. Hair follicle formation can be artificially subdivided into eight different stages that
were summarized by Paus et. al in 1999 (Figure 4.25) [51], [64]. In this model, the
differentiation process of each of the distinct hair follicle structures is sequentially
represented and related to one of the developmental stages. During hair morphogenesis,
because K15 is transiently expressed in hair follicle progenitor cells, it can be localized
in either the hair germ or in the bulge. While hair germ is present in the initial
differentiation stages 1-3 (Figure 4.25), the expression in the bulge is related to stages
5-8 (Figure 4.25). On the other hand, K14, K71 and K75 in the ORS, IRS and companion
layer is attributed to stages 4-6 (Figure 4.24-D and Figure 4.25) [51], [61]–[63]. Finally,
K31 expression is only present in the hair cortex in stages 7-8 (Figure 4.25). Variations
in temporal expression of the hair follicle keratins relate the formation of each structure
to its corresponding morphogenic stage, serving as a developmental clock to track in
vitro hair follicle differentiation. In this thesis, keratinocyte differentiation into hair follicle
cells was proven by the presence of hair-specific keratins in these structures [61].
Structures found after 2 or 3 weeks of culture showed a morphology that correspond to
stage 3 to 6 of follicular morphogenesis [52], [64] (Figure 4.25). Regarding hair specific
keratins, while K15 expression was mainly found in structures that were cultured for 2
weeks (Figure 4.15-B), some structures cultured for 3 weeks showed positive expression
of K15, but in a minor stent (Figure 4.16-B). Conversely, K71 expression in the IRS was
found in all culture times (Figure 4.15-C and Figure 4.16 B,E), whereas K75 in the
companion layer was positive only in some of the structures after 2 or 3 weeks in culture
(Figure 4.15-B and Figure 4.16-C). These temporal differences found in the expression
of both keratins suggests that companion layer formation occurs in a posterior
developmental stage. Conversely, no temporal differences were found in K14
expression, being present for all the culture times. Differential expression of keratins
evidenced that structures were at different developmental stages. Nonetheless, these
developmental stages did not show a clear relation to the culture time. Expression of
K75 in the companion layer was localized in some structures after 2 weeks in cultures
while it was absent in others after 3 weeks in culture, exposing the particularities of each
experimental sample. Additionally, most of the structures presented an elongated and
bent shape, like the found in sagittal images of human hair follicles (Figure 4.24-A),
evidencing a change from 90º to 60º in structure’ orientation. The protuberance found in
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the upper half of a structure is of special interest, as it can be attributed to the hair follicle
bulge. Nonetheless this cannot be confirmed despite positive expression of K15, as it
was not localized in the bulge area.

Figure 4.25: Hair follicle neogenesis and lifetime cycling in humans. (Image reprinted with
permission from [51]).

Complete hair follicle differentiation lasts up to 6 weeks in the embryo [20]. For this
reason, and thanks to the stabilization of the dermal compartment, hair follicle
differentiation was analyzed after 6 weeks in culture. Negative expression of hair cortexK31 exposed that hair follicle differentiation did not progress to more advanced stages
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of hair morphogenesis. Moreover, organotypic constructs at this timepoint showed lower
induction efficiency when compared to organotypic constructs after 3 weeks in culture
(Figure 4.21-A). In addition to that, after 6 weeks in culture the presence of platelets in
the hydrogels had no effect in neither the progression of hair follicle differentiation
process nor improvement of the induction efficiency (Figure 4.21-B). One of the causes
behind this finding may be related to the low viability of DPS in the first days of culture.
Longer culture times may not guarantee moving forward in the differentiation process,
but rather promote cell death within DPS or entail a culture nourishment deficiency [8].
The introduction of endothelial cells in the dermal compartment, as proposed by Abaci
et. al could improve cell viability and therefore formation efficiency [8]. Overall, DPS can
sustain the early stages of hair follicle differentiation in vitro with a formation efficiency
around 20%. These results are similar to those reported in both in vitro and in vivo studies
using DPS [8], [33], [65]. Moreover, all these presented data opposed the previously
reported results in which in vitro culture of spheroids was not able to induce hair follicle
formation because they completely dissociate after several days in culture [7], [8].
Alternatively, FM were introduced in the dermal component of organotypic constructs to
promote hair follicle formation using the same experimental setting as for DPS. The most
noticeable difference found was that the culture system only lasted 3 weeks in culture,
time at which the dermal compartment was almost inexistent [22] (Figure 4.17-B). This
difference may be explained by an increase of cellular activity when FM were used, since
cell viability was increased two-fold with respect to that of spheroids (Table 3.2).
Conversely to DPS, FM distribution within the organotypic construct was observed in
plain sight. Moreover, histological tinction both showed the homogeneous distribution of
the FM and allowed for the structural characterization of the FM at different time points.
Microgels were presented as protrusions on top of the dermis covered by a layer of
keratinocytes. Inside them, hFDPc were distributed over the whole area. Further
characterization was performed by immunostaining of specific dermal papilla markers.
Frequently, in the FM-dermal interface were found ellipsoidal-like structures composed
of concentrical cell layers. These structures showed a similar view to the axial plane of
a human hair follicle (Figure 4.24 A,C). Presence of hair follicle outer- and inner root
sheath markers (Figure 4.19 and Figure 4.20) related these structures to the fourth stage
of follicular morphogenesis (Figure 4.25). This observation may be confirmed by the
negative expression of both K15 and K75. While the absence of K15 stated that the hair
germ is not present (stages 1-3 of Figure 4.25), negative expression of K75 is directly
linked to the absence of the companion layer. Therewith, the differentiation process of
those structures is constricted to a stage after the hair germ but just before the formation
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of the companion layer. This may be explained by the degradation of the dermal
compartment in organotypic cultures containing FM: 1) the thin dermal layer cannot hold
the growth of a hair follicle in the perpendicular direction to the epidermis, but in parallel
to the epidermal layer; 2) dermal thinning present from the first week in culture cannot
sustain cell differentiation and did not allow moving forward in hair follicle
morphogenesis. In addition to that, orientation of the sample during histological
processing may also explain this morphology. Furthermore, neither hair follicle
differentiation nor formation efficiency exhibited any significative difference when
platelets were present. In addition to this, it was not possible to check the length and
angle of the structures since the direction of the sections coincided with their axial plane.
Despite these limitations, the use of FM for hair follicle differentiation doubled the
induction efficiency shown by organotypic constructs with DPS. Nonetheless, as
induction efficiency was calculated with the number of structures found after histological
processing (𝐼𝑟 ), induction efficiency results must be treated carefully. During this
process, although the whole tissue contained in the paraffin block was cut, many tissue
slides could be lost along the process. Besides, (𝐼𝑡 ) represent the total number of
potential hair follicle structures, which correspond to the total number of seeded
DPS/FM. This term assumed that all the orifices present in the dermal compartment
housed either a DPS or a FM, but some of them might be wasted. To provide with more
precise and reliable formation efficiency results, the number of analyzed samples has to
increase for a better statistical significance. Additionally, organotypic whole-mount
immunostaining may be an alternative to histological processing [66], [67].
From all these data and assuming all the experimental limitations found, it can be
concluded that both culture systems were able to initiate hair follicle formation in vitro.
Notwithstanding this was not the first time that this specific biological stage of hair follicle
neogenesis was implemented, we have proposed an alternative culture system to the
most recent protocols available in the literature. In 2013, Higgings et al. stablished the
use of DPS as a successful system for hFDPc reprogramming. These spheroids induced
hair follicle formation when transplanted onto mice with an efficiency ranging between
10-60% [65]. More recently, this system has been employed by Abaci et. al in in vitro
hair follicle neogenesis. DPS were co-cultured with hEK within a collagen-based dermal
compartment of an organotypic construct [8]. Although hair follicle formation was
supported by this system, low efficiency values (20%) led them to propose the
modification of hFDPc to overexpress Lef-1 regulator, increasing efficiency values up to
70%. Despite these values being considerably higher than the ones shown in this work,
this methodology required the use of genetically modified hFDPc. While this approach is
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very helpful from a mechanistic point of view, it has limited clinical applications due to
the cell tumorigenesis problems associated to Lef-1 deregulated expression [68]–[71].
In addition to this, Vahav et. al have recently propose an in vitro model in which DPS,
named as Neopapillae, were deposited together with hEK onto a collagen-based dermal
compartment to promote hair follicle differentiation [33]. After 2 weeks in culture, they
showed and invaginating epidermis like the one present in the human embryo during hair
follicle morphogenesis, with positive expression of basement membrane proteins (ColIV
and Laminin V) and inner-/outer-root sheath keratins. Regardless these positive results,
hair-follicle like structures shown in that work were in a previous stage of formation as
compared to some of the structures presented in this chapter in which positive
expression of K75 accounted for the presence of the companion layer. On the contrary,
to our knowledge, there is only one published study in which biomaterials were used for
hFDPc encapsulation to induce hair follicle formation [1]. For that, Kageyama et al.
generated collagen micro-spheres with encapsulated cells -named hair beadsmimicking DP structure. Co-culture of hair beads with mouse mesenchymal cells led to
the formation of hair follicle germs, which once transplanted into mice induced complete
hair follicle differentiation. These results are far away from the ones reported in this work
in which the use of FM for hair follicle differentiation reports only the first stages of
follicular morphogenesis. In spite of that, Kageyama et al methodology’ is based on the
use of neonatal mouse mesenchymal cells, which do not recapitulate the biological
environment during human hair neogenesis and cannot be use for clinical purposes.
Whereas further work is needed to achieve the goal of complete hair follicle
differentiation, the presented results along this chapter highlight the potential of our
experimental setting for in vitro hair follicle neogenesis using wild adult hFDPc either in
DPS or FM. Moving forward in hair follicle differentiation first involves dermal
compartment stabilization because of two main limitations: 1) higher hair follicle densities
are required and 2) longer culture times for FM cultures require more durable matrices.
In behaves of exploiting the benefits that human blood plasma provides, new ways to
complement plasma-derived hydrogel with additional biocompatible materials such as
alginate of polyethylene-glycol need to be explored [72]–[74]. While in the case of DPS
longer times did not provide with more mature hair follicles, this must be evaluated for
FM cultures. In any case, the use of a mouse model to transplant with our organotypic
constructs containing DPS/FM can help to elucidate whether all the above-mentioned
limitations are due to the in vitro culture itself or because of any other limitation of the
DPS/FM systems.
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CHAPTER FIVE

5. CONCLUSIONS
Along this thesis a series of experiments were proposed to induce hair follicle neogenesis
in vitro. Disorders associated with hair loss have a high socioeconomic impact on the
population, whereas nowadays there is no available treatment to induce hair follicle
regeneration. Nonetheless, the scientific community is making a great effort trying to
promote hair follicle neogenesis using different approaches. Regarding the use of adult
hFDPc, the most promising methodology proposes the use of cellular spheroids to mimic
DPs and induce hair follicle formation in mice. Based on this approach, in this thesis we
propose a methodology to induce hair follicle morphogenesis in an in vitro human skin
model. To reach this goal, a series of experiments were performed to first stablish the
appropriate conditions to obtain hFDPc from dissected DP obtained from donors and to
culture them. Then, methods to culture hFDPc, both from donors or of commercial origin,
and to aggregate them into 3D structures mimicking DP were stablished. Afterwards, a
method was developed to culture these 3D structures with skin -keratinocytes and
fibroblasts- cells in a plasma-derived in vitro 3D skin model to promote hair follicle
formation. Finally, the follicle-like generated structures were analyzed by histological and
immunofluorescence methods. In more detail:
In order to mimic human hair follicle DP structure, in the second chapter, the conditions
for obtaining and culturing primary hFDPc as well as the conditions to generate and
culture 3D spheroids (DPS) were analyzed. To that, two different hFDPc cell lines were
stablished from human scalp follicles, which showed the same morphology as hFDPc of
commercial origin. The results obtained in terms of morphology and formation efficiency
led us to stablish a protocol to generate DPSs that successfully reprograms the stem
fate in cells from both commercial and patient origin. In addition to that, a conscientious
analysis revealed a low cell viability in the surface of the spheroid. This suggests that
current methods for hFDPc spheroid formation and culture are not appropriate. Despite
these negative results, spheroid culture succeeds in hFDPc reprogramming to its stem
fate, stressing the need to look for different 3D culture system that improve spheroid cell
viability.
In the third chapter, hFDPc were encapsulated in plasma-derived fibrin microgels (FM)
as an alternative culture system to DPS. This system aimed to provide hFDPc with a
transient fibrin extracellular matrix that can be remodeled by the cells to one more similar
to that found in human DP. A series of experiments were performed that demonstrated
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the capacity of the FM to support cell stem fate recovery and cell-mediated matrix
remodeling. Furthermore, this system improved cell viability, metabolism and replication
capacity when compared to that of DPS, indicating that FM-like methods, providing an
extracellular matrix to the hFDPc seem to be a better alternative for the in vitro generation
of human DP-like structures. Nonetheless, the cell-mediated matrix contraction and
remodeling process suggests that FM require longer culture times to obtain more mature
DP-like structures.
Finally, in the fourth chapter, to induce hair follicle neogenesis, both DPS and FM were
introduced, by means of ad hoc produced combs, in the dermal compartment of plasmaderived fibrin 3D skin cultures and then covered with epidermal keratinocytes. Although
the mechanical stability of the fibrin dermal matrix was improved by increasing fibrin
concentration to 2.4mg/mL, culture times lasted only up to three weeks, a too short time
to allow an adequate follicle induction. Since FM degrade anomalously rapidly the fibrin
matrix of the 3D skin cultures, we are devising more robust matrices to this end. A
thorough analysis of the cultures by histological and immunofluorescent methods
revealed the presence of hair follicle-like structures at early stages of development when
using both DPSs and FM. Moreover, these structures showed positive expression of
bulge, ORS, IRS, and companion layer specific markers. Very likely, longer culture times
would allow the induction of more mature hair follicle structures
In any case, the results presented along the last two chapters highlight the potential of
our experimental setting for in vitro hair follicle neogenesis using primary adult hFDPc
either in DPSs or, even better, FM. Notwithstanding, these preliminary results require
further analysis and characterization.
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CHAPTER SIX

6. FUTURE WORK
Despite the positive results presented in this thesis, many challenges were found in the
process of replicating human hair morphogenesis in vitro. To be able to move forward
in the process of hair follicle differentiation, all these problems need to be addressed.
I.

Quantitative characterization of cell viability- Analysis of cell viability for DPS
and FM provided valuable information for the characterization of both culture
systems. Nonetheless, in order to select the optimal conditions for DPS and FM
generation, a quantitative characterization would help to analyze in detail the
effect of different culture conditions in cell viability.

II.

Quantitative characterization of the protein expression- Positive expression
of ALP, Versican and SMA markers in the cells, proved the recovery of their stemcell fate. However, quantitative characterization of this expression would allow
to compare how protein expression varies at different culture conditions: cell
passage, cell origin or culture system, for example. Additionally, protein
quantification would provide with a more reliable characterization of the matrix
remodeling mediated by cells in the FM, or to elucidate which is the role of blood
platelets in cell reprogramming.

III.

Improve mechanical stability of the organotypic cultures- Dermal
compartment stabilization allowed us to increase culture lifetime. Organotypic
cultures supported hair follicle differentiation up to six weeks in culture when DPS
were used. However, when FM were employed to induce hair follicle formation,
this culture time was reduced to 3 weeks. Moreover, the use of comb-like
structures to create a hair-follicle patterning compromises dermal compartment
stability. Further stabilization of the organotypic skin dermal compartment would
enable us to both increase hair-follicle patterning density and extending
organotypic culture times.

IV.

Alternative method to track hair follicle formation- In this work, hair follicle
formation was tracked through histological characterization of the whole sample.
This methodology proved being inefficient, time-consuming, and expensive due
to the size of the organotypic cultures (2.4 cm 2). To overcome this limitation,
alternative tracking methods such as whole mount immunostaining should be
explored.
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iv.

Induction of hair follicle formation in vitro- Although the proposed in vitro
system showed promising results to promote hair follicle formation, no complete
differentiation was observed after 6 weeks in culture. To elucidate whether the in
vitro system limits the progression of the differentiation process, induction of hair
follicle formation using either DPs or FM needs to be characterized in vivo using
immunodeficient mice. If complete hair follicle differentiation is observed in mice,
this would question the validity of an in vitro system to support hair follicle
morphogenesis.
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